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GENERAL INTRODUCTION 
Rationale and Objectives 
Widespread usage and detection of agricultural chemicals in surface and 
ground water systems has prompted many researchers to monitor their fate in the 
environment. Despite the potentially important role of microorganisms in the 
biodegradation process, microbial responses to agricultural chemicals are largely 
unknown. Our investigations were an effort to determine the innate ability of surface 
soils and subsurface sediments to attenuate agricultural chemicals prior to chemical 
migration into aquifers. The objectives of our studies were to investigate microbial 
degradation potential of the herbicide 2,4-dichlorophenoxyacetic acid (2,4-D} and to 
determine baseline microbial populations and activities in surface and shallow 
subsurface sediments from two Midwestern agricultural watersheds. The size and 
diversity of microbial populations were investigated in soils and down into subsurface 
glacial till and alluvial sediments. The microbial, physical, and chemical characteristics 
were monitored to determine if any variables could be used as indicators in predicting 
herbicide biodegradation. 
Project Description 
The midwest agricultural region consists of mainly glacial till and alluvial derived 
soils. Soils developed from till at the Indiana Water Quality Field Station and Walnut 
Creek Watershed in central Iowa were investigated. Glacial till was obtained from the 
Tipton Till Plain of Indiana (Schneider, 1966), which is part of the Till Plains section of 
the U.S. Central Lowlands Province (Thornbury, 1965). The Indiana site landscape is 
flat to gently undulating glacial till terrain with a local relief of less than 15 m per square 
hectare. The unconsolidated deposits are composed of primarily clayey till. Outwash 
and alluvial deposits occurred along Little Pine and Indian Creeks. Sand and gravel 
aquifers, ranging in thickness from 3.3 to 50 m, occurred within 3.3 to 13.3 m of the 
surface (Maarouf and Melhorn, 1975}. Boreholes were drilled in a corn field at 
Indiana's Water Quality Field Station, near West Lafayette. The deepest sample 
investigated in this study was obtained from a sand and gravel unit located between 
clayey glacial till. Soil at this site is classified as Chalmers silty clay loam. 
2 
The Walnut Creek Watershed glacial till field site was located in the upper 
region of the intensively studied watershed, and known as the "Pothole Field." Soils at 
this site were formed under prairie vegetation in calcareous Alden formation till 
deposited within the Des Moines Lobe during the Wisconsinan glaciation, 
approximately 14,000 years ago (Andrews and Dideriksen, 1981). Surface drainage is 
poor due to the low relief topography, and many fields have been equipped with 
supplementary subsurface tile drainage systems. Water and material from surrounding 
sideslopes accumulate in closed depressional areas known as potholes. Samples were 
obtained from three landscape positions containing Clarion, Nicollet, and Webster soil 
types. 
Walnut Creek Watershed is an intensively studied agricultural watershed that is 
part of a Management Systems Evaluation Area (MSEA) (Ward et al., 1994) (Figure 1). 
Walnut Creek Watershed contains soils mainly derived from till. Soils formed from 
alluvium comprise a smaller area of the watershed, and are located along Walnut 
Creek near its intersection with the Skunk River. These alluvial soils overlie a sandy, 
shallow, alluvial aquifer that is located within a local flow system. Local flow systems 
are characterized as supplying water with a greater percentage of oxygen and nutrients 
than deeper aquifers (Chapelle, 1993). Walnut Creek, a tributary stream that transects 
the Skunk River flood plain, allows water and dissolved agrichemicals to infiltrate into 
the alluvial aquifer through the stream bottom. Therefore, a potential for ground water 
contamination of the alluvial aquifer exists due to recharge from Walnut Creek and 
surrounding agricultural land (W.W. Simpkins, written communication, 1995). 
This project was funded by a grant from the U.S. Environmental Protection 
Agency administered by the Robert S. Kerr Environmental Research Laboratory in Ada, 
Oklahoma, in conjunction with the Agricultural Research Service (ARS) at the National 
Soil Tilth Laboratory in Ames, Iowa and Purdue University in West Lafayette, Indiana. 
Soil cores from the till and alluvial sites were obtained using EPA aseptic drilling 
techniques. Our investigations at the National Soil Tilth Laboratory included baseline 
microbial, physical, and chemical characteristics and the degradation potential of 2,4-D 
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Figure 1. Location of "Pothole Feld" (glacial till) and alluvial sites in Walnut Creek Watershed in central Iowa. 
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in sediments from various soils, profile and landscape positions. The biochemical 
characteristics of microorganisms from various sediments, such as the DNA G+C 
content and phospholipid biomass were investigated at Purdue University. Information 
on microbial, physical, and chemical variables, and biodegradation potential were 
combined with biochemical characteristics to determine impacts on subsurface ecology 
and predict the potential for biodegradation of agrichemicals in the subsurface. 
Thesis Organization 
This thesis has been organized into chapters and contains two manuscripts 
prepared for publication in the journal Applied and Environmental Microbiology. This 
introduction is followed by a literature review, the two manuscripts, general conclusions, 
and references cited in the general introduction and literature review. The first 
manuscript is entitled "Biodegradation of 2,4-D in soils and subsurface glacial till." 
Microbial biodegradation of the herbicide 2,4-D was investigated in till derived soils and 
sediments from these two Midwestern states. The second manuscript is entitled 
"Biodegradation of 2,4-0 in soils and subsurface alluvial sediments." Microbial 
communities in alluvial sediments were characterized and their response to herbicide 
addition investigated. We also investigated the ability to predict microbial response and 
degradation of 2,4-D. 
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LITERATURE REVIEW 
Ground Water Quality 
Ground water, which supplies a significant portion of the U.S. drinking water, is 
at risk of contamination by synthetic organic chemicals from industrial and agricultural 
sources. Contaminants may enter the environment as either point or nonpoint sources. 
Nonpoint source pollution generally results where land management practices contribute 
to the transport of undesirable materials into surface or ground water. This type of 
pollution is more difficult than point source contamination to identify, regulate, and 
control because it originates over large areas, and is often intermittent. Point source 
pollution often results from known sources of contaminant discharge, such as factory 
waste disposal or agricultural chemical spills near drinking-water wells. The U.S. 
Environmental Protection Agency (EPA) found pesticide detections in 23.5% of the 
drinking water wells tested in 1992 (Jacoby, 1992). Of those wells, 14.4% contained 
concentrations greater than EPA's drinking water standards for the respective 
pesticides. Normal field usage of pesticides was suspected for 20.8% of all wells with 
detections (Jacoby, 1992). Other potential point or nonpoint source pollutants include 
sediment, nutrients, and pathogenic bacteria (CAST, 1992). 
Pesticide pollution of the ground water could potentially occur due to direct field 
application, improper disposal sites of pesticides or pesticide containers, improper 
washing and rinsing of equipment, accidental spills, and leakage from landfills. 
Understanding environmental persistence of pesticides is fundamental in assessing 
potential water quality risks, and microbial biodegradation is often a major factor 
determining persistence. Therefore, understanding the ability of microorganisms in soils 
aquifers to attenuate applied chemicals is very important. Microbial attenuation occurs 
through several processes including microbial degradation and transformation of 
chemical structures. Clean-up or remediation of contaminated ground water is costly, 
and small amounts of pollutants can contaminate large aquifers for a long time (Dunlap 
and McNabb, 1973; Fetter, 1993). Soil and subsurface sediments are important 
intermediaries between the pollution source and ground water, because the processes 
of pollutant dilution, degradation, and detoxification may occur in these zones. 
Biological activity in these systems is important in determining transport and fate of 
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organic contaminants in the environment (McNabb and Dunlap, 1975). Therefore, our 
research on microbial population, activity, and herbicide biodegradation in surface soils 
and subsurface sediments is important in understanding and determining water quality 
implications of agricultural systems. 
Agricultural Use of 2,4-Dichlorophenoxyacetic Acid 
Our research focused on pesticides used in agriculture, particularly the herbicide 
2,4-D. Due to extensive world-wide usage, 2,4-D transport and fate in soil and aquatic 
environments has been intensively investigated. Several chlorine-substituted 
phenoxyacetic acids including the herbicides 2,4-D, MCPA (4-chloro-2-
methylphenoxyacetate), and 2,4,5-T (2,4,5-Trichlorophenoxyacetic acid) were 
introduced as selective weed killers after World War II. Herbicidal action of 2,4-D is 
caused by the over-stimulation of indole-3-acetic acid (IAA), the plant's growth regulator 
system, causing excessive cell elongation. As a synthetic version of the growth 
regulator, 2,4-D is translocated throughout the plant and is selective for broadleaf plants 
(Taiz and Zeiger, 1991). Normally applied directly onto plants or aquatically, 2,4-D is 
used to control weeds in cereal grain crops such as corn, sugar cane, turf, right-of-ways, 
and forest conservation programs. Amounts of usage vary from 0.2 to 2 kg active 
ingredient per hectare (WHO, 1989). In 1985, 2,4-D was used on 18.6% of Iowa's corn 
production acres, (0.8 million lbs active ingredient) ranking it as the sixth most used corn 
herbicide in the state (Wintersteen and Hartzler, 1987). 2,4-D was used on 14.4% of 
the corn acres and 8 X 105 lbs active ingredient were applied in 1990 (Hartzler and 
Wintersteen, 1991 ). 
Microbial Biodegradation 
Biodegradation is a biological activity that results in transformation and 
breakdown of organic compounds. Microorganisms use enzymes to metabolize organic 
substrates. Stable organic degradation products can result from microbial degradation 
processes. Metabolites or degradation products often collect in the environment, yet the 
original compound may not be detectable. Recalcitrance of a pollutant is the degree to 
which the compound resists biodegradation. Recalcitrance could be caused by 
molecular properties of the compound or environmental conditions that may inhibit 
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microbial activity. Several reasons exist for lack of biodegradation of substances known 
to be degradable by microorganisms, such as initially toxic concentrations, limiting 
nutrients, low contaminant concentration not allowing replication of organisms with 
catabolic enzymes, or a decrease in bioavailability due to sorption (Alexander, 1994). 
Complete biodegradation of a compound to inorganic molecules is called 
mineralization. Mineralization occurs during aerobic respiration and results in biomass, 
carbon dioxide, water, and other inorganic compounds. Complete biodegradation or 
mineralization of organic molecules in the environment is almost always a microbial 
process. Very few abiotic processes in nature can totally convert organic compounds 
into inorganic products. Whether herbicides or other organic pollutants are activated, 
inactivated, persistent, short-lived, mobile, or stationary in the environment is mainly 
dependent on microbial transformation (Cork and Krueger, 1991; Alexander, 1981). 
Soil microbial communities are very complex, and microbial ecology plays a 
significant role in understanding biodegradation. Environmental selection for pollutant-
degrading microorganisms depends on whether pollutants can serve as a carbon or 
energy source. If the pollutant serves as the growth substrate, there will be more 
selective pressure for those microbial populations. A process called cometabolism 
occurs when organic compounds cannot serve as a carbon or energy source in 
microbial degradation, therefore another substrate must be available to support 
microbial growth. Cometabolism creates a more complex situation because degrading 
organisms do not use the pollutant as a substrate for growth, and the carbon in 
substrate is not converted to typical cell constituents. Therefore, degraders of a 
contaminant may be overlooked if the necessary alternative energy source 
concentration is low or unavailable (Tiedji, 1993), and overall stimulation of microbial 
activity may be necessary for biodegradation (Felsot and Dzantor, 1990). 
Cometabolism is often the only microbial process known to degrade many recalcitrant 
chlorinated xenobiotics such as PCE (tetrachloroethylene), TCE (trichloroethylene), 
carbon tetrachloride, and chloroform (Alexander, 1994). Cometabolism may create 
partially degraded persistent compounds that are greater hazards than the parent 
compound. Microbial biodegradation of TCE through cometabolism often results in 
formation of vinyl chloride, a potent carcinogen. Many herbicides including alachlor, 
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atrazine, metolachlor, propachlor, trifluralin, ordram, dicamba, EPTC, and 2,4-D can be 
cometabolically degraded in soils (Alexander, 1994; Dzantor and Felsot, 1991; Moorman 
et al., 1992; Novick and Alexander, 1985; Pothuluri et al., 1990). 
Laos (1969 and 1975) reviewed phenoxyalkanoic acids, including their physical 
and chemical properties, modes of action, and degradation by plants and 
microorganisms. Studies conducted in the 1940's and 1950's indicate that 2,4-D 
degrades rapidly in warm, moist, soil conditions, especially with added organic matter 
(Laos, 1969; WHO, 1989). Early evidence of microbial degradation was indicated by a 
positive correlation between the rate of 2,4-D degradation and populations of aerobic 
soil bacteria. Degradation of 2,4-D in soils has been shown to be directly related to 
microbial biomass and activity (Cork and Krueger, 1991; Sandmann et al., 1988; 
Torstensson, 1988). Autoclaved and air-dried soils had decreased rates of degradation 
(Laos, 1969). Degradation and long-term effects of ester and amine formulations of 2,4-
D applied to Saskatchewan soils for 40 years were investigated by Smith et al. (1989). 
Breakdown was significantly slower in control soils not treated with 2,4-D, indicating that 
fewer 2,4-D-degrading microorganisms existed in the untreated plots. Biochemical 
pathways and microbial genera capable of 2,4-D degradation have been isolated, such 
as the bacteria Arthrobacter and Pseudomonas (Loos, 1975). 
Understanding degradation pathways of halogenated compounds such as 2,4-D 
are important because they are among the largest group of EPA priority pollutants, 
which include most pesticides and industrial solvents. When 2,4-D was applied to moist 
soils as ester and amine formulations, they were transformed through hydrolysis and 
dissociation to the corresponding phenoxyalkanoic acid anions (Smith, 1989) followed 
by biological degradation (Sandmann et al., 1988; Smith, 1989; Torstensson et al., 
1975). Pesticide molecules, containing aromatic substituted benzene rings, phenols, 
and anilines are degraded by bacteria using ortho- and meta-cleavage pathways. 
Oxygenase enzymes convert most pesticides to a common intermediate, catechol, prior 
to ring opening (Moorman, 1994). The degradation of 2,4-D in soils occurs through its 
conversion to 2,4-dichlorophenol. Ortho-hydroxolation of phenol converts it to catechol, 
then ring degradation occurs. Ortho cleavage of the aromatic ring yields muconic acid 
which is converted to succinic acid and used in the citric acid cycle (Sinton et al., 1986). 
9 
Microbial Kinetics 
A major variable in determining rate of microbial degradation in soils is the 
concentration of microorganisms with enzyme systems capable of degrading the 
herbicide. Much research has been conducted on rates of degradation using models to 
represent kinetics of biodegradation in soils. These include first-order, Michaelis-
Menton, Monod, zero-order, half-order, and mixed order models (Alexander and Scow, 
1989). Greer and Shelton (1992) correlated rates of 2,4-D biodegradation with 
substrate bioavailability and microbial growth kinetics. They determined that kinetics of 
degradation in soil solution were consistent with pure culture studies, suggesting that 
kinetic constants derived from pure culture studies may be useful in predicting rates of 
biodegradation in soil. 
Chemical concentration was investigated as a factor in susceptibility of organic 
compounds to microbial destruction. Using 14C-Iabeled organic chemical substrates to 
monitor microbial activity C4C02 evolution) in stream water, Boethling and Alexander 
(1979b) investigated why some chemicals rapidly biodegrade whereas others may not. 
They discovered Michaelis-Menten kinetics for degradation rates measured at high 
chemical concentrations (210 llg L"1) did not accurately predict chemical response at low 
levels (15 to 25 ng L"1) in the water. Therefore, Michaelis-Menten kinetic rate predictions 
for compounds present in low concentration over-estimated actual degradation, 
demonstrating certain compounds persist in the environment much longer than 
expected. Yet, microbial metabolism of organic compounds at part per billion levels is 
very important, because standards of water quality and human health concerns can 
occur at these low levels. Threshold concentrations for microbial growth on an organic 
compound impact its biodegradation in oligotrophic environments, such as groundwater 
or the subsurface. Some substrates can be transformed even at trace levels, where 
others require the compound to support growth in order for significant degradation to 
occur. Threshold concentrations for 2,4-D degradation have been observed in stream 
water, where less than 10% (<22 pg ml"1 ) to almost 80% (>0.22 llg ml"1 ) is 
mineralized within 8 d due to initial 2,4-D concentration (Boethling and Alexander, 
1979a). Parker and Doxtader (1983) also determined initial 2,4-D concentration (1 to 
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100 !lg g"1) had a greater impact on the kinetics of 2,4-0 degradation than did soil 
moisture tension between 0.1 to 0.5 bars. 
Sinton et al. (1986) reviewed microorganisms, pathways, and environmental 
factors impacting 2,4-0 biodegradation in both pure and mixed cultures. Microbial 
degradation of 2,4-0 and other synthetic organics was most accurately modeled at 
lower concentrations. If 2,4-0 concentrations became much larger than 40 !lg g·1 soir1, 
resulting inhibitory effects caused discrepancies in Monad model predictions. The 
Monad model of microbial growth and degradation uses maximum growth rate (Jlmax) and 
half saturation constant (Ks) measurements to define the rate of growth. Used in 
conjunction with yield (Y), these factors determine the rate of pollutant degradation. 
Therefore, when substrate concentrations initially inhibit microbial growth, the resulting 
lag periods are not accurately predicted. It was necessary to include cometabolism 
principals into modeling when the 2,4-0 concentration was extremely low. Modeling 
cometabolism biodegradation is difficult, because growth of degraders is not related to 
contaminant concentration. 
Microbial Adaptation 
Adaptation is a process of increased microbial ability to degrade a compound 
after previous exposure. Moorman (1990) reviewed the significance of adaptation of 
subsurface microbial populations in pesticide degradation. Acclimation or lag periods 
before degradation of organic compounds have been detected for many chemicals in 
different environments. Growth of small, active degrader populations to levels where 
degradation can be detected is one of several factors that may be responsible for the 
adaptation period. Enzyme induction, mutation, and genetic changes also may occur 
prior to adaptation (Chen et al., 1989; Ghiorse and Wilson, 1988; Laos et al., 1979; 
Moorman, 1990; Stott et al., 1983; Soulas, 1993; Wilson et al., 1985). Lag periods 
caused by additions of high concentrations of xenobiotics initially toxic to microbes were 
noted by Stott et al. (1983). Lag periods prior to degradation of 2,4-0 in aquatic 
systems were explained by growth of specific degrader populations to detectable rates 
(Chen and Alexander, 1989). Chronic exposure of aquatic microbial communities to 
quaternary ammonium compounds resulted in significant increases in the number and 
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activity of bacteria capable of biodegrading the compounds. These communities also 
became less sensitive to potential toxic effects (Ventullo and Larson, 1986). Fournier et 
al. (1981) characterized the metabolic behavior of 2,4-D-degrading microorganisms in 
soil and determined soils previously exposed to the herbicide contained greater 
populations of degraders with larger biodegradation rates. Aelion et al. (1987) 
determined the adaptation capability of subsurface microorganisms to xenobiotic 
compounds in pristine aquifer sediments was highly variable. Phenol, p-chlorophenol, 
and ethlene dibromide (EDB) were most rapidly mineralized, with 30% degraded, and 
microbial populations appeared to be adapted prior to application. Aniline, m-cresol, 
and m-aminophenol exhibited less mineralization (10%), and did not illustrate any 
adaptation response. Only p-nitrophenol demonstrated a typical adaptation response 
with a distinct lag period followed by increased mineralization. Lag periods ranged from 
one to six weeks, and a total of 50% of the 200-500 ng g-1 p-nitrophenol was 
mineralized. Chlorobenzene and 1 ,2,4-trichlorobenzene mineralization was only slight 
after 8 months of incubation. The most-probable-number (MPN) counts demonstrated 
that adaptation was accompanied with increases in specific degrader populations. P-
nitrophenol degrader populations were not only greater in adapted communities, but 
also illustrated effects of pre-exposure concentration on population size. 
Once soil microorganisms become adapted, rapid degradation of organic 
compounds can occur. In some cases cross-adaptation of microorganisms to several 
pesticides may be possible (Coats and Somasundaram, 1991). Microorganisms are 
more likely to be adapted if they were previously exposed to the compound. Klint et al. 
(1993) investigated mecoprop degradation in unpolluted sandy aquifers. The herbicide 
mecoprop was degraded following lag periods of 35 to 40 d at concentrations of 100 ~g 
r1. After adaptation, when mecoprop was re-added, degradation began without any lag 
time. If natural substrates are available to microorganisms that utilize the same enzyme 
systems as xenobiotics, compound-degrading enzyme systems are more likely to be 
maintained (Loos et al., 1979; Tiedje, 1993). 
Many 2,4-0-degrading bacteria, fungi, and actinomycetes have been isolated 
and characterized (Loos et al., 1979; Sandmann et al., 1988; Harker et al., 1989; 
Ditzelmuller et al., 1989; Short et al., 1991; Greer et al., 1992). Herbicide-degrading 
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bacteria have been isolated from soils repeatedly treated with 2,4-D and MCPA (4-
chloro-2-methylphenoxyacetate). Leos (1969) reported that degrading bacteria 
comprised a substantial proportion of the microbial populations in enriched soils. 2,4-D 
and other phenoxyacetic acids were generally degraded more rapidly in surface soils 
than aquatic environments (Sinton et al., 1986). The behavior of 2,4-D degrading soil 
microorganisms was investigated by Soulas (1993). A lag period prior to degradation 
and a shift in degrading species was determined through kinetics and mineralization 
potential. Lag phase and herbicide concentration were correlated when concentrations 
measured less than 10 mg kg·1. A cross adaptation of microbial populations to 
herbicides with similar chemical structure was later determined by Leos et al. (1979). 
Isolated soil bacteria which were able to degrade 2,4-D were also able to degrade 
MCPA, even though persistence of 2,4-D is considerably shorter than for MCPA or 2,4-
5-T in soils. Soulas (1993) determined that two populations of microbial communities 
were degrading 2,4-D. One population was active at low concentrations, such as in 
agricultural soils, and its degrading potential decreased as 2,4-D concentration 
increased. The second group was responsible for the adaptation period and could 
tolerate higher concentrations of the chemical. 
Environmental Factors and Bioavailability 
Water solubility and sorption are major factors affecting bioavailability of 
compounds (Sims et al., 1993). Bioavailability, the degree to which the compound can 
be obtained and utilized by microbial populations, is an important factor in the 
persistence or degradation of the compound. Adsorption is retention of solutes onto 
solid surfaces, while absorption is solute retention within a solid matrix. Together these 
processes are known as sorption. Organic molecules may be unavailable to 
microorganisms due to sorption onto solids, or entrapment within the soil, sediment or 
aquifer matrix. Solid surfaces serve as important factors in the organic compound 
biodegradation rate. Intermolecular forces between solutes and solid phase affect rate 
of movement, fate and degradation of pesticides in the soil, sediment, and aquifer 
system (Alexander, 1994). Adsorbed herbicides are reversibly bound to soil surfaces. If 
the concentration of herbicide in the soil solution is reduced due to degradation, 
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volatilization or leaching, then adsorbed herbicides may be desorbed back into soil 
solution. Herbicide properties and chemical structure, soil organic matter, and clay 
determine if sorption is due to ion exchange, van der Waals forces, hydrogen bonding, 
charge transfer, or hydrophobic partitioning. Herbicide losses in water or sediments are 
strongly influenced by sorption and desorption process in soil. Since subsurface 
microorganisms are generally fixed on soil or sediment particles, water transport of 
carbon and energy sources to microorganisms is important. The primary mechanism 
responsible for immobilization of microorganisms to sediments in an aquifer is sorption 
(Harvey et al., 1993). 
Ogram et al. (1985) investigated three models of 2,4-D degradation in soils 
comparing attached versus unattached bacteria, and soluble versus sorbed 2,4-D. 
Models compared several hypothesis: (i) soluble 2,4-D degraded by unattached 
bacteria, (ii) soluble and sorbed 2,4-D degraded by unattached bacteria, and (iii) soluble 
2,4-D was degraded by both attached and unattached bacteria. The last hypothesis 
most satisfactorily explained and predicted the experimental mineralization data. Greer 
et al. (1992) also investigated the bioavailabilty of 2,4-D under low organic matter and 
high organic matter soils. These results for low organic matter soils compared to 
Ogram's (1985) third prediction model. They discovered approximately 65 to 75% of 
2,4-D was in soil solution at equilibrium in the low organic matter soils, and soluble 2,4-D 
was metabolized preferentially as growth of inoculated organisms rapidly increased. In 
contrast, only 10% of applied 2,4-D was in solution in the high organic matter soils, and 
mineralization rates were considerably lower. Low mineralization rates in high organic 
matter soils were best explained by the low concentrations of 2,4-D in soil solution. 
Less herbicide was available because of increased sorption to organic matter, therefore 
inhibiting microbial proliferation. In other studies, kinetics of degradation in soil solution 
were consistent with pure culture kinetics, suggesting kinetic constants derived from 
pure culture studies may be useful in predicting the rates of degradation in soil. (Greer 
and Shelton, 1992) 
Organic matter, fulvic acids, and humic acids were shown to play a major role in 
binding of pesticides in soil (Bollag et al., 1992). These bound residues are actually 
covalent bonds between a herbicides or its degradation products and the soil organic 
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matter. Both biological and nonbiological mechanisms are involved in bound residue 
formation (Bollag, 1991). These bound residues can account for 20-70% of the 
herbicide, which is generally unavailable for leaching, degradation, or plant uptake 
(Duke et al., 1991). Adsorption of 2,4-D on clay samples at different pH levels was 
investigated by Hermosin and Cornejo (1993). Higher adsorption capacity was related 
to higher organic carbon content, type of clay mineral, and interlayer arrangement. The 
variety of behaviors of 2,4-D adsorption at pH levels indicated a different mechanism of 
adsorption of 2,4-D on each sorbent. Due to the low adsorptive potential of 2,4-D in 
sandy, low organic matter soils, 2,4-D is considered a leachable herbicide (Sandmann et 
al., 1988; White et al., 1976). Adsorption of 2,4-D on clay samples at different pH levels 
determined that higher adsorption capacity was related to higher organic C content and 
type of clay mineral and interlayer arrangement (Hermosin and Cornejo, 1993). 
Low concentrations (25 Jlg g"1) of side-chain labeled 2,4-D were degraded 
approximately as rapidly as glucose in neutral pH surface soils (Stott et al., 1983). Lag 
periods prior to herbicide degradation were measured more often in acidic pH soils than 
in neutral pH soils. At high concentrations of 2,4-D (500 Jlg g"1), lag periods were 
appreciably longer in more acidic soils, and less total 14C02 was evolved. In neutral soil, 
2,4-D was found to be in a less microbially toxic, disassociated form, that was more 
easily degraded. Moreale and Van Blade! (1980) reported large differences in 
degradation curves due to soil pH. Above pH 6.0 high degradation rates were 
observed, with 80-95% of the herbicide degraded after 30 d. In soils with pH < 6.0, low 
degradation rates were detected with less than 1 0% degradation. 
Water is important as a transport system for nutrients and microorganisms, 
solubility of materials, and aeration of the subsurface environment (Paul and Clark, 
1989). Low water content adversely affects soil and subsurface microbial activity (Kieft 
and Rosacker, 1991) and therefore pesticide degradation rates in soils decrease (Ou, 
1984). Ou (1984) investigated 2,4-D mineralization, disappearance rate, and formation 
of non-extractable 14C residues and metabolites at 10 Jlg g·1 concentrations in surface 
soils. Disappearance of extractable 2,4-D increased with increasing moisture content 
(0.1 to 0.33 bar moisture tension) and temperature (25 to 35°C). Degradation of 2,4-D 
was correlated to growth rate and population size. Growth rate of degraders in 
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response to herbicide application was determined to be of greater importance than initial 
populations in determining 2,4-0 degradation rate in surface soils. Populations of 
degraders did not increase in Webster soils, and little 2,4-0 was degraded, while in a 
Cecil soil the population increased, and more 2,4-D was degraded. 
Subsurface Microbiology and Biodegradation 
Early studies indicate that microbial numbers declined sharply with depth into the 
soil profile (Alexander, 1977). The oligotrophic conditions containing low concentrations 
of organics found in subsurface and ground water were assumed too scarce to support 
microbial communities (lee et al., 1988). Population measurements taken in well water 
samples are also low since most bacteria are attached to the aquifer sediments. Early 
studies also used rich, complex media to culture and count populations, but 
microorganisms from oligotrophic conditions are not able to grow on such rich media. 
Therefore, beliefs that subsurface and aquifer environments were void of life were 
accepted by the scientific community. The discovery of bacterial populations at 
approximately 1 06 cells per gram soil in non-contaminated unsaturated and upper 
aquifers zones (Wilson et al., 1983; Alexander, 1977) altered scientific paradigms. 
Subsurface microorganisms grow at slower metabolic rates, which is possible due to 
lack of predation by eucaryotic organisms, such as protozoa. 
In investigations of microbial populations of subsurface samples, Ghiorse and 
Balkwill (1983) enumerated and characterized indigenous bacteria from two shallow 
Oklahoma aquifers. Uncontaminated subsurface samples were obtained using aseptic 
coring devices and handling procedures developed at the EPA R.S. Kerr Environmental 
Research Laboratory. Core samples were studied to determine types, abundance, and 
activities of microorganisms. Dilute media similar to environmental conditions of the 
subsurface are more successful at enumerating bacterial populations. These 
techniques result in population numbers approximately one to three orders of magnitude 
lower for viable plate counts than direct counting techniques (Madsen et al., 1991). 
Federle et al. (1986) found dilution plating techniques yielded only 1 to 10% of the 
number of cells determined by direct counting. Konopka and Turco (1991) investigated 
microbial processes and biodegradation potential of herbicides in glacial till down to 26 
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m depth. Microbial biomass decreased by several orders of magnitude in the top m, 
then stabilized at 107 bacterial cells g-1 soil"1. The number of bacteria increased near the 
capillary fringe above the aquifer at 24 m. Viable plate counts were between two to four 
orders of magnitude lower than direct microscopic counts. Several subsurface sediment 
zones contained significant numbers of microorganisms and rates of microbial activity. 
Yet aniline, the base structure of many herbicides, was not metabolized within the 32 d 
incubation period, and no degradation of atrazine or metolachlor was measured within 
128 d. 
Many of the surface soil microbial biomass and activity measurements do not 
work as well with subsurface materials, because microbial biomass is often smaller and 
less active. Therefore, other procedures have been developed to measure populations 
and activity in these conditions. One such analysis is that of fatty acids derived from 
phospholipids. Phospholipid analysis indicates biomass, diversity and composition of 
the microbial communities. Federle et al. (1986) determined that overall enzymatic 
activity mirrored phospholipid concentration and patterns of biomass decreased with 
depth and varied due to soil type. Another useful biochemical indicator is adenosine 5-
triphosphate (A TP); because A TP is used as the energy exchange for biochemical 
reactions in living organisms. Webster et al. (1985) used this method to determine 
microbial cell numbers in subsurface samples because of the difficulty in culturing 
subsurface organisms. 
Ward (1985) investigated 14C02 evolution from 2,4-D, methyl parathion, glucose, 
and glutamic acid added to surface and subsurface sediments. Herbicide degradation 
was more variable than degradation of natural substrates glucose and glutamic acid. 
Indigenous subsurface microflora were found to have lower activities than 
microorganisms in surface soil. However, these subsurface microorganisms were 
capable of mineralizing natural and certain synthetic substrates. 2,4-D degradation was 
variable in the different soil, sediment, and ground water. Sites where 2,4-D degraded 
in the subsurface contained well developed, indigenous microbial communities due to 
nutrient additions from septic systems. 2,4-D degradation was undetectable in ground 
water systems (Ward 1985; Ventullo and Larson, 1985). Using nonlinear regression 
models, Ward (1985) and Fournier et al. (1981) estimated half-lives for 2,4-D 
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mineralization in acclimated soil of 120-125 hr compared to 185-554 hr in unacclimated 
soils. 
Atrazine and mecoprop degradation was investigated in unpolluted sandy 
aquifers (Klint et al., 1993). Mecoprop was completely degraded in ground water after 
80 d of incubation. In sediment microcosms, mecoprop was degraded in 22 d after a 7 
d lag period. Atrazine mineralization potential was also investigated from aerobic, 
alluvial aquifer sediments in the Midwest by McMahon et al. (1992). Alluvial sediments 
from 5 and 18m depths were tested for glucose, ethyl-2 carbon atrazine, and ring-
labeled atrazine mineralization. Glucose mineralization was detected in both shallow 
and deep sediments, and first-order kinetic rate constants decreased with depth. 
Mineralization of [ethyi-14C] atrazine was measured in shallow subsurface sediment 
samples, but mineralization was not detected in deep sediments. No evidence of 14C02 
production from ring-labeled atrazine was detected within 23 d. Glucose and atrazine 
mineralization decreased with depth suggesting that microorganisms in shallow aquifer 
sediments were better adapted to organic carbon mineralization. Lack of atrazine ring 
mineralization suggested persistence in ground water. 
Biodegradation of xenobiotic pollutants in the subsurface is important, although it 
is difficult to measure directly. Other abiotic attenuating processes also occur, including 
migration, dilution, volatilization, and sorption. Microbial activity and biodegradation are 
indicated by changes in oxygen or carbon dioxide concentration in the sediments. 
Disappearance of the parent compound in the profile, or appearance of metabolites 
could also be an indication of microbial activity and biodegradation. These 
measurements may suggest microbial biodegradation, yet they are only indirect 
methods for determining in-situ bioremediation. Madsen et al. (1991) found an indirect 
way to detect and measure in situ biodegradation. Subsurface microbial degradation 
was investigated using core materials from in and around a coal tar site with a 
polyaromatic hydrocarbon (PAH) plume. Mineralization of naphthalene and 
phenanthrene was detected only from sediments located within the contaminated 
plume. Abundance and distribution of bacteria, actinomycetes, fungi, and protozoa 
were determined, with viable bacterial counts highest in the contaminant plume, and 
lowest in surrounding aquifer materials. Microbial populations generally declined with 
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depth, although water table and deep saturated zones contained the highest 
populations. Abnormally high protozoa populations were discovered within the 
contaminated plume: 19,000 per gram of groundwater versus less than 50 in 
uncontaminated boreholes. Normally, subsurface bacterial growth rates are too slow to 
support protozoa populations, therefore protozoa do not normally inhibit subsurface 
zones. Yet in aquatic and terrestrial environments, protozoa were known to be 
important predators, feeding upon the rapidly growing bacteria. The high protozoan 
numbers are indicative of rapidly growing populations of bacteria in-situ. Therefore, 
protozoan counts were considered good indicators of in-situ biodegradation. 
Much research has focused on environmental fate, degradation, and monitoring 
of xenobiotics within various systems such as surface soils, stream water, and pristine 
versus contaminated subsurface systems. Yet, few studies have investigated microbial 
characteristics and degradation potential in these environments. Microbial 
biodegradation of xenobiotics is very important since biodegradation is one of the few 
processes that can actually transform organic compounds. Much of the current 
environmental cleanup technology just transfers the compounds to a different phase or 
removes and transports the pollutant to a "safer'' place, and moving toxic compounds is 
not without risk. The effect of stress on microbial communities due to chemical 
pollutants is important and not well understood. Atlas et al. (1991) reported lower 
diversity in microbial communities and an upset in the ecological balance of population 
interactions within a microbial community in response to environmental stress or 
disturbance with organic chemicals. Investigation of physical, chemical, and 
microbiological interaction and influence on herbicide biodegradation is often difficult 
due to interactions of transport, sorption, and dilution processes. A better 
understanding of function and interaction of microorganisms within the natural 
environment is necessary to help us learn how to better manage our agricultural land to 
reduce environmental degradation and agricultural impacts on water quality. 
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BIODEGRADATION OF 2,4-D IN SOILS AND SUBSURFACE GLACIAL TILL 
A paper to be submitted to Applied and Environmental Microbiology. 
J.A. Welch, T.B. Moorman, R.F. Turco, A.E. Konopka 
ABSTRACT 
Much of the row crop production agriculture in the Midwest occurs on soils 
developed from glacial till, but little research has addressed herbicide biodegradation in 
subsurface till. This study investigated the ability of indigenous microorganisms to 
mineralize the herbicide 2,4-D (2,4-dichlorophenoxyacetic acid) at sites in Iowa and 
Indiana. Microorganisms were able to mineralize 2,4-D, with rates of mineralization 
ranging from 0.02 to 1.0% d"1 over the first 30 d. Rates of mineralization and total 2,4-D 
mineralized generally declined with depth in these profiles. Totai2,4-D mineralized 
ranged from 31 to 42% in surface soils and 2 to 47% in subsurface sediments between 
150 to 180 d after addition. Populations of 2,4-D-degraders in soils and glacial 
sediments ranged from non-detectable to 59,000 degraders g·1 soil. The adaptation of 
2,4-D metabolizing microorganisms in the subsurface impacted the mineralization rates 
and totai2,4-D mineralized. Sandy subsurface sediments ranging in depth from 2.9 to 
3.5 m from one Indiana core exhibited greater mineralization rates before and after 
adaptation with more extensive 2,4-D mineralization than till from approximately 1 m 
depth. Lag periods in these two subsurface samples ranged from 42 to 80 d prior to 
increased mineralization. The population of 2,4-D-degraders in these deeper sandy 
sediments were greater than the populations in the overlying till. 
INTRODUCTION 
Ground water pollution by agricultural chemicals is a concern because ground 
water supplies a significant portion of the drinking water used in the United States 
(Hallberg, 1986). The U.S. Environmental Protection Agency (EPA) found pesticide 
detections in 23.5% of drinking water wells tested in 1992. Normal field usage of 
pesticides was suspect for 20.8% of all wells with detections (Jacoby, 1992). Atrazine, 
alachlor, and cyanazine movement from glacial till soils and agricultural watershed 
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systems into tile drainage systems, rivers, and shallow ground water has been reported 
(Jayachandran et al., 1994; Schettler et al., 1994). 
Transformation of agricultural chemicals due to microbial activity or chemical 
processes is an important factor controlling herbicide movement into water systems. Till 
covers a major portion of the Midwest used in agricultural production, but microbial 
communities in these soils and subsurface sediments have not been intensively 
investigated. Little degradation of atrazine or metolachlor has been reported in 
subsurface glacial till (Jayachandran et al., 1994; Kruger et al., 1993; Konopka and 
Turco, 1991). Degradation of 2,4-D in surface soils is fairly rapid and has been related to 
microbial biomass and activity (Cork and Krueger, 1991; Ou, 1984; Sandmann et al., 
1988; Torstensson, 1988). Stott et al. (1983) reported that low concentrations of (side-
chain-14C] 2,4-D degraded almost as rapidly as glucose in neutral pH surface soils. Yet 
2,4-D-degrading microorganisms comprise a small fraction of the total microbial 
population (Ou, 1984). In contrast to surface soils, 2,4-D degradation was undetectable 
in ground water (Ventullo and Larson, 1985). In other studies 2,4-D was mineralized in 
shallow subsurface sediments impacted by septic systems, but not in the 
uncontaminated subsurface sediments (Ward, 1985). 
The objectives of this research were to determine the degradation of 2,4-D in 
surface soils derived from glacial till and subsurface sediments by microbial communities 
and investigate the influence of the physical, chemical, and microbiological factors on 
biodegradation. The herbicide 2,4-D was chosen due to its rapid mineralization in 
surface soils by known degradation pathways. A wide array of general and specific 
measures of microbial activity were investigated in an effort to develop useful indicators 
of biodegradation potential in subsurface sediments. Predicting herbicide 
biodegradation from physical, chemical, and microbiological characteristics in soil profiles 
could be useful in predicting pesticide movement and groundwater vulnerability. 
MATERIALS AND METHODS 
Site Description. The study areas are located in Iowa and Indiana. Soil cores 
were taken in southern Boone County from the Pothole Field. This field is located in the 
intensively studied Walnut Creek Watershed, a Management Systems Evaluation Area 
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(MSEA) research site in central Iowa (Cambardella et al., 1994; Jaynes et al., 1994; and 
Ward et al., 1994). Soils at this site were formed under prairie vegetation in calcareous 
till deposited within the Des Moines Lobe from the late Wisconsinan Dews Formation, 
approximately 14,000 years ago (Andrews and Diderkisen, 1981). Surface drainage is 
poor due to the low relief topography, and many fields have been equipped with 
supplementary subsurface tile drainage systems. Water and material from surrounding 
sideslopes accumulate in closed depressional areas known as potholes. Continuous 
cores were obtained from three landscape positions and the soils are predominantly from 
the Clarion-Nicollet-Webster soil association, which comprise 62% of the soils in Story 
County (Figure 1). Clarion soils are well-drained and located higher on the landscape 
than the somewhat poorly drained Nicollet soils on the side slopes. The Clarion is 
classified as a fine-loamy, mixed, calcareous, mesic Typic Hapludoll and the Nicollet is a 
fine-loamy, mixed, mesic Aquic Hapludoll. Webster soils, located in poorly drained, 
depressional, pothole areas of the field, are fine-loamy, mixed, mesic Typic Haplaquolls. 
The water table is approximately 1 to 3 m below land surface, depending on seasonal 
precipitation. 
Continuous cores were also obtained from the Tipton Till Plain of Indiana 
(Schneider, 1966), which is part of the Till Plains section of the U.S. Central Lowlands 
Province (Thornbury, 1965). The landscape of the Indiana site is flat to gently 
undulating, with local relief of less than 15 m per square hectare. The soil is classified as 
a Chalmers silty clay loam, a Typic Haplustoll, cropped with corn. The site is part of the 
Purdue University Water Quality Field Station, near West Lafayette and is previously 
described by Konopka and Turco (1991). The unconsolidated deposits are primarily 
clayey till. Outwash and alluvial deposits occur along Little Pine and Indian Creeks. 
Sand and gravel aquifers, ranging in thickness from 3.3 to 50 m, occur within 3.3 to 13.3 
m of the surface (Maarouf and Melhorn, 1975). The deepest sample investigated was 
obtained from a depth of 3 to 3.8 m in a sand and gravel unit located between silty-clay 
sediments. 
Sampling Procedure. The sample cores were obtained with a U.S. 
Environmental Protection Agency drill rig from the Robert S. Kerr Environmental 
Research Laboratory at Ada, Oklahoma. Continuous cores were obtained using a 
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modified hollow-stem auger drilling method (Leach et al., 1988). The outer layer of the 
core was removed via a paring device during drilling. Sediments were extruded in 
approximately 20-cm lengths and placed into sterilized quart-sized canning jars or 
Whirlpak bags. Samples were transported on ice to the laboratory and subsequently 
stored at 4° C for up to 6 months prior to use. Two cores were taken from each of the 
three landscape positions in Iowa, and one core was investigated from the three field 
locations in Indiana. The soils were passed through a 4-mm sieve and individual 
samples were chosen from approximately similar depths from all six cores. All 
operations with the sediments were conducted in a laminar-flow microbiological hood to 
maintain aseptic conditions. 
Water content was determined gravimetrically by oven-drying at 1 05° C for 24 h 
and results are expressed on an oven-dry weight basis. Surface soils from Iowa were 
saturated from snow and ice and were not used. Soil moisture in the profile ranged from 
field capacity to saturated at the time of sampling and were used in experiments with 
minimal additions of water. 
2,4-D Mineralization. Mineralization experiments were conducted using [ring-
14C] 2,4-D (Sigma Chemical Company, St. Louis, MO) and technical grade 2,4-D, 99% 
purity (Chern Services, West Chester, PA). Stock solutions of non-labeled 2,4-D were 
prepared in ethanol. A one mL aqueous solution of 2,4-D containing 0.003% ethanol 
was applied to 50 g (oven-dry basis) of field-moist sediment in autoclaved biometer flask 
(Bellco Glass, Inc., Vineland, NJ) microcosms at approximately 100 ng g·1 concentration 
with at least 200,000 dpm of 14C per flask. Indiana soil application rates ranged from 105 
to 112 ng g·1 due to differences in moisture content. The microcosms were incubated at 
15° C, the temperature below the damping depth. The 14C02 was captured in 10 mL of 
0.5 N NaOH, which was replaced with fresh NaOH at regular weekly intervals. A 2-mL 
aliquot of NaOH was combined with 12 mL Ultima-Gold liquid scintillation fluid (Packard 
Instrument Co., Meriden, CT) for analysis using a liquid scintillation counter (Packard 
Instruments Co., Meriden, CT). lnternai 14C quench standards were used to determine 
counting efficiencies. 
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Sterilized controls were used to measure any abiotic degradation of 2,4-D. 
Selected soil samples were sterilized by irradiation with E-beams (Iowa State University 
Linear Acceleration Facility) using 50 kGy dosages. They were then placed into sterile 
microcosms and treated with [ring-14C] 2,4-D and incubated as previously described. 
Extraction and Analysis of 2,4-D. Soil and sediments used in the 
mineralization experiment were extracted and analyzed for extractable 14C and bound 
(non-extractable) 14C-residues. Fifty mL of extraction solvent (99% methanol and 1% 
glacial acetic acid) were added to 30 g sediment. The samples were shaken for 2 hr, 
centrifuged at 5,000 rev min-1 for 15 min, and the extract decanted. This extraction was 
repeated three times, and the extractant solutions were combined and 14C was counted. 
Following solvent extraction, bound 14C was determined in duplicate one-g sediment 
samples processed on a combustion biological material oxidizer (R.J. Harvey Instrument 
Corp., Hillsdale, NJ) for 3 min. 
Analysis of Mineralization Rates. All statistical analyses were performed using 
PC SAS. First-order and three-half-order models for mineralization curve prediction were 
fit to the data, but poor parameter estimates resulted (Brunner and Focht, 1984). 
Therefore, a two-stage process of rate estimation was used. Initial mineralization rates 
(% d-1) were determined by linear regression of the 14C02 evolved during incubation, 
starting a~ the initial addition of 2,4-D (Figure 2). Time intervals for analysis were chosen 
for individual mineralization curves, with the acceptance criteria for the regression data at 
~ ~ 0.9. If curves had lag periods followed by increased 14C02 evolution, rates were also 
determined for increased mineralization after microbial adaptation. 
Microbial Population and Activity. Viable microbial population densities in 
surface and subsurface sediments were estimated by plate counting. Soil samples (1 0 
g) were mixed into 95 mL of 0.0125 M sterile phosphate buffer. Serial dilutions from this 
suspension were plated in duplicate onto media selective for fungal and bacterial 
colonies. The media consisted of Rose Bengal (Difco Laboratories, Detroit, Ml) agar 
amended with 50 llg L-1 streptomycin (Sigma Chemical Co., St. Louis, MO) for fungal 
measurements, and 1% PTYG (Balkwill and Ghiorse, 1985) amended with 0.05 g L-1 
succinate and 50 llg L-1 cyclohexamide (Sigma Chemical Co., St. Louis, MO) for bacterial 
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enumeration. The plates were incubated for one and two weeks, respectively, at 15°C 
and enumerated. 
Populations of 2,4-D-degraders were enumerated using a modification of the 
Lehmicke et al. (1979) method. Serial dilutions were prepared in sterile 0.0125 M 
phosphate buffer. Minimal salts media (Kaufman and Kearney, 1965) and 1/100 
strength nutrient broth were autoclaved, sterile trace elements added (Zeyer and 
Kearney, 1982), and finally amended with 1 f.lg ml-1 [ring-14C] 2,4-D containing 4,000 
dpm ml-1. Soil dilutions (0.1 ml) and media (0.5 ml) were incubated 42 d in shell vials 
capped with polyurethane foam and placed in scintillation vials containing 1 ml of 1 M 
NaOH to trap the respired 14C02 . The 14C02 in NaOH was analyzed using liquid 
scintillation techniques (Packard Instruments Co., Meriden, CT). An average of 25 dpm 
was evolved as 14C02 from non-inoculated controls. Samples were scored positive if 
they evolved greater than 2.5% of the total applied 2,4-D, which was significantly greater 
than the noninoculated controls. Positive samples usually evolved greater than 1 000 
dpm. The most-probable-number was estimated using standard MPN tables (Alexander, 
1982) for 5-place dilution series. 
Soil microbial biomass carbon was measured using fumigation-extraction 
techniques (Tate et al., 1988). Four replicated 50-g sieved (4 mm) samples were 
measured into 250 ml beakers. The microbial populations were destroyed in duplicate 
samples by fumigation with ethanol-free chloroform. All samples were extracted with 0.5 
M K2S04 and filtered through No.4 filter paper (Whatman Inc., Clifton, NJ). Organic 
carbon in fumigated and non-fumigated extracts was measured using a Dohrmann DC-
180 carbon analyzer (Rosemount Analytical Services, Santa Clara, CA) calibrated with 
potassium phthalate standards. The extractable microbial biomass carbon was 
measured as the difference between the fumigated and non-fumigated samples and 
calculated using the correction factor (k=0.33) of Sparling and West (1988). 
The dehydrogenase assay was performed on field moist 2 mm sieved soils 
treated with CaC03 at 10 mg g"1 soil (Tabatabai, 1982). A solution of 100 mg ml"1 yeast 
extract and 300 mg ml"1 2,3,5-triphenyltetrazolium chloride (TIC) was added to triplicate 
6-g samples and incubated at 30°C for 24 h. The soils were immediately extracted using 
methanol filtration through No.2 filter paper (Whatman, Inc., Clifton, NJ). Methanol was 
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used to remove the red-colored triphenyl formazan (TPF) from the soil and filter paper. 
The extracts were brought to 50 ml volume with methanol, and the absorbance 
measured spectrophotometrically at 485 nm (Milton Roy Analytical Products Division). 
The TPF in the extract was calculated from a standard curve of TPF in methanol and 
reported as J..lg TPF g·1 soil. 
Physical and Chemical Analysis. Total organic carbon and nitrogen were 
measured by dry combustion in a Carlo-Erba NA 1500 NCS elemental analyzer (Haake 
Buchler Instruments, Paterson, NJ). Soils were air-dried, sieved and ground into a fine 
powder using a roller mill. Soil samples (20 to 35 mg) were weighed into tin capsule 
weigh boats (Microanalysis, Manchester MA). All soils were tested for carbonate content 
using 0.1 N HCI. Soils that effervesced by 0.1 N HCI were treated to remove carbonates. 
Carbonates were removed by adding a droplet of 2.5 N H2S04 into pre-weighed soils in 
silver capsules (Microanalysis, Manchester MA) and incubating at 28°C for 24 hr. The 
organic carbon and nitrogen content of the experimental soil samples were determined 
by comparison to a standard curve obtained from combusting multiple samples of 
atropine containing 70.5% C and 4.8% N. A quality control standard consisting of soil 
containing (2.58-2.73%) carbon and (0.225-0.248%) nitrogen was also used to monitor 
the accuracy of the elemental analyzer. The pH was measured on duplicate, air-dried, 2 
mm sieved soils using a 1:2 ratio of 0.01 M CaCI2 and soil. Particle size distributions 
(textural analysis) were determined using the hydrometer method. Percentages were 
sand (0.05-2 mm diameter), silt (0.002-0.05 mm), and clay (<0.002 mm) (Day, 1965). 
RESULTS 
Glacial till at the Iowa and Indiana locations was generally similar in texture, pH, 
o/oC, and o/oN content (Table 1). In several deeper samples the concentrations of organic 
C and especially organic N were close to the detection limits of the elemental analyzer. 
The pH ranged between 6 and 8 (Table 1). Slight textural variations occurred due to 
landscape positions. The Webster soils at the Iowa site contained higher silt contents 
compared to soils at other landscape positions in the field. The Indiana subsurface had 
significantly different textural properties than the Iowa site due to a sand and gravel unit 
in samples from 2.9 to 3.7 m. 
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Bacterial populations were variable between sites, with the highest populations in 
surface soils, reaching stable levels near 106 CFU g·1 below one meter depth (Table 2). 
The highest fungal populations were obtained from surface soils, and fungi were not 
generally detected below approximately 2 m. Dehydrogenase enzyme activity and 
biomass C were highest in surface soils and declined with depth in the profile (Table 2). 
An average biomass C previously measured in surface soils (0-7.5 em) from Iowa's 
pothole field was 384 mg C kg"1 soil (Gambardella et al., 1994), which is similar to values 
in surface soils from Indiana, which averaged 285 mg C kg-1 soil. Biomass C and 
dehydrogenase measurements from till were low, with dehydrogenase values below 10 
J.lg TPF and biomass C values below 25 mg C kg"1 soil. Some samples contained levels 
of activity and biomass C that were below measurement levels. Total extractable 
phospholipid, an alternative measure of microbial biomass, was determined for Indiana 
glacial till sediments at Purdue University (R. Turco, personal communication). Surface 
soils contained the highest and most variable amounts of phospholipid, but below 
approximately 1 m phospholipid contents were approximately 1 0% or less of that found 
in surface soil (Figure 3). 
The population of 2,4-D-degraders was greatest in surface soils, and degrader 
populations were considerably lower than bacterial and fungal populations (Table 2). 
Populations of 2,4-D degraders, measured using similar methods in Iowa surface soils (0 
to 15 em) sampled in 1992 ranged from 2,600 to 59,000 degraders per g soil 
(T.B. Moorman, unpublished data). These 1992 populations at the Iowa site were 
comparable to populations from Indiana surface soils. One unexpected observation was 
that degrader populations increased with depth in core U sediments in Indiana, even 
though viable plate count, microbial activity, and biomass measurements decreased with 
depth. 
Microorganisms in the upper meter of soil were able to mineralize [ring-14C] 2,4-D 
most rapidly and to the greatest extent. There was relatively little variation between 
replicate samples of the same core segment (Figure 2) compared to the variability 
between cores from different parts of the landscape. Total 2,4-D mineralized generally 
decreased with depth, and was highly correlated with depth in Iowa, but not in Indiana. 
Mineralization rates and depth were negatively correlated at both sites (Tables 3 and 4). 
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Indiana surface soils (0 to 39 em) mineralized an average of 39% total applied 2,4-D with 
rates between 0.5 to 0.8% d"1 (Table 3). The Iowa surface soils were saturated due to 
snow and ice covered fields at the time of drilling and were not tested for mineralization. 
Therefore, soils from the Iowa site were deeper in the profile (25 to 50 em) than from the 
Indiana site. Mineralization rates in 25 to 50 em depth Iowa soils were 0.7 to 1.0% d-1 
with an average of 35% totai2,4-D evolved as 14C02 (Table 3). Analysis of variance 
revealed differences in mineralization rates among the three locations in Indiana. Rates 
in Indiana core U were significantly (P<0.05) slower than surface soil mineralization rates 
in cores K and F. Totai2,4-D mineralized in Iowa was greater in shoulder and backslope 
landscape positions than in lower pothole area soils (Figure 4). After 200 d, the average 
14C02 evolution from 2,4-D incubation in seven sterile control soils and till was 1.8%; 
therefore, abiotic degradation was insignificant for 2,4-D mineralization. 
Mineralization rates and total 2,4-D evolved as 14C02 decreased with increasing 
depth into soil profiles at the Iowa site. In contrast, microorganisms in the sand and 
gravel sediments (2.9 to 3.7 m) in Indiana had higher mineralization rates and degraded 
more 2,4-D than silty-clay glacial till located at one meter (Figure 5 and Table 3). 
Microorganisms in sediments at one meter depth in core U mineralized 2,4-D at 
significantly greater rates than the other two Indiana sites, as determined through 
analysis of variance. After lag periods of 25 to 80 d, degradation rates in core U 
subsurface sediments at both depths increased dramatically. Mineralization rates after 
lag periods in the deepest sediment were greater than initial degradation rates of surface 
soil. Sample U2 (107 to 152 em) had longer lag periods and a slower mineralization rate 
than deeper U3 (312 to 366 em) sediment. Mineralization of 2,4-D in Indiana core U 
subsurface sediments increased as microorganisms in core U became adapted, after 
significant lag periods. Initial mineralization rates in subsurface sediments from core F 
were significantly lower than initial rates in both cores U and K, as determined by 
analysis of variance. Core U mineralization rates in sediments at 3 m depth increased 
considerably after a 35 d lag period. 
Approximately 99% of the total 14C applied as 2,4-D was accounted in 14C02 
evolved, solvent extractable 14C, and bound residue which was not bioavailable (Table 
4). As more 2,4-D was mineralized, less was recovered from either solvent extractable 
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or bound fractions. Microbial biomass 14C may occur in either solvent extractable or 
bound residue fractions. 
Initial rates of mineralization were significantly and positively correlated with total 
2,4-D mineralized, degrader populations, biomass C, dehydrogenase activity, and 
bacterial and fungal populations. In Iowa, biomass C and dehydrogenase activity 
measurements were not significantly correlated with initial mineralization rate, as they 
were in Indiana (Tables 5 and 6). Initial mineralization rate, total 2,4-D mineralized, 2,4-
D-degraders, biomass, dehydrogenase activity, and bacteria and fungi populations were 
negatively correlated with depth at one or both of the study sites. Total 2,4-D 
mineralized was negatively correlated with depth at the Iowa site. Adaptation in two 
Indiana subsurface samples reduced the strength of the relationship with depth. 
Correlations of mineralization rates and microbiological measurements with sand were 
variable between sites (Tables 5 and 6). Increasing sand content was negatively 
correlated with most microbiological measurements at Indiana, even though the sand 
and gravel unit had higher mineralization rates. 
DISCUSSION 
Microbial mineralization rates and total 2,4-D mineralized were similar in surface 
soils of both sites. Previous studies with microbial biodegradation of 2,4-D in surface 
soils showed that no metabolites were produced and that mineralization closely followed 
degradation as measured by loss of 2,4-D (McCall et al., 1981). Therefore, when 14C02 
was recovered from soil and sediments incubated with 2,4-D, complete degradation was 
assumed. Mineralization rates were generally greater in Iowa surface soils, even though 
these soils were obtained from deeper (24 to 45 em) in the profile than surface soils 
obtained from Indiana. Less 2,4-D was mineralized from pothole soils at the Iowa site 
compared to other landscape positions, yet initial rates of mineralization were similar to 
other surface soils. Surface soil mineralization in Indiana was not as variable. Higher 
organic matter content in the pothole soils could increase sorption and reduce 
bioavailability of 2,4-D to microbial populations. Hermosin and Cornejo (1993) found 
increased adsorption of 2,4-D in soils with greater organic matter content. 
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Subsurface sediments from Indiana core U exhibited vastly different patterns of 
2,4-D mineralization in contrast to other subsurface sediments from either Iowa or 
Indiana. After lag periods and subsequent adaptation, mineralization rates increased 
and more total 2,4-D was degraded. The core U sample (3.1 to 3.6 m) was obtained 
from a sand and gravel unit, and the overlying sediments were till. Sediments at 
equivalent depths in all Indiana cores were similar in texture to each other, so differences 
in lag periods and adaptation of subsurface microorganisms were not explained by 
differences in physical and chemical properties of the sediments. The major difference 
between the core U sediments and others was the much larger subsurface 2,4-D-
degrader population. These high populations of 2,4-D-degrading microorganisms were 
not consistent with other measures of microbial population or activity which were similar 
in magnitude to sediments without elevated degrader populations. 
Biomass C and dehydrogenase activity assays were highly correlated to 
mineralization rates in Indiana, yet they were not correlated in Iowa (Tables 5 and 6). 
Significant negative correlations in Indiana soils of initial rate, total degraded, biomass, 
dehydrogenase activity, and bacteria and fungal populations variables with pH were 
caused from the increase in Indiana pH from the surface to subsurface. Because most 
of these microbiological properties decreased with depth, negative correlations of pH 
with these parameters were probably due to covariance between pH and depth. 
Although measures of heterotroph biomass and microbial activity were useful as 
indicators of biodegradation over the range of conditions represented by the surface and 
subsurface sediments, these parameters may not be effective in predicting the narrow 
range of biodegradation potential in subsurface sediments. For instance, a larger 2,4-D-
degrader population was measured in core U subsurface sediments, resulting in lag 
periods followed by increased mineralization. Yet, the microbial populations and activity 
measurements did not predict that adaptation would occur. The best indicators for 
biodegradation in these glacial till and sandy sediments were 2,4-D-degrader population 
measurements. 
In summary, biodegradation of 2,4-D in soils, till, and sandy sediments generally 
declined with depth into the profile. Below 1 m, microbial activity and biomass declined 
sharply. However, small populations of 2,4-D-degrading organisms were found 
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throughout these sediments. The sand and gravel sediment response to 2,4-D 
mineralization was greater than that of overlying silty-clay till. Microorganisms in till failed 
to adapt to 2,4-D degradation in the subsurface, except for one till sample at the Indiana 
site. This absence of adaptation in till, and slow degradation during lengthy adaptation 
periods will increase the likelihood of the herbicide reaching deeper ground water or 
surface water via tile drainage systems. 
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Figure 1. Cross-section of Iowa "Pothole Field" illustrating soil type and 
landscape positions of cores. 
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Figure 2. Calculation of initial mineralization rate and rate after adaptation determined by 
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Table 1. Physical analysis of soils and sediments. 
Soil Texture % 
Depth (em) pH %N %C Ratio C/N Sand Silt Clay 
Indiana 
Core F 
0-46 6.2 0.16 2.12 13.6 34 36 30 
117-168 7.7 0.01 2.71 212.4 46 30 24 
292-353 8.0 0.01 0.73 56.4 86 10 4 
Core K 
0-38 6.6 0.12 1.65 14 42 28 30 
122-160 7.9 0.01 0.91 150.1 50 28 22 
320-370 8.3 <0.004 0.82 NO 88 6 6 
Core U 
0-33 5.9 0.16 2.17 13.6 32 36 32 
107-152 7.8 0.01 1.44 265.7 46 32 22 
312-366 8.0 0.004 1.16 287.4 84 8 8 
Iowa 
Clarion 
32-45 5.4 N08 NO NO 40 34 26 
79-94 NO NO NO NO NO NO NO 
196-210 6.4 NO NO NO 54 26 20 
25-41 5.9 0.08 0.78 23.1 64 18 18 
71-86 7.9 0.007 0.29 31.0 54 26 20 
215-230 7.9 0.002 0.33 83.2 54 26 20 
Nicollet 
37-51 7.6 0.08 1.2 30.2 44 28 28 
79-93 8.0 0.02 0.57 80.5 54 24 22 
203-220 5.2 0.002 0.33 47.9 56 22 22 
26-54 6.8 NO NO NO 30 'O 34 36 
83-107 7.3 NO NO NO 50 28 22 
196-221 7.2 NO NO NO NO _ NO NO 
Webster 
17-46 6.4 NO NO NO NO NO NO 
76-107 7.2 NO NO NO 10 46 44 
25-53 6.5 0.39 4.4 28.9 36 38 26 
84-94 7.6 0.03 1.94 89.7 20 44 36 
8 ND = Not Determined. 
Table 2. Microbiological activity and population analysis of soils and sediments. 
2,4-0 
Depth Fungi Bacteria Q~rader Dehl£drogenase Biomass 
(em) (CFU g·1 soil) (CFU g·1 soil) (cells g·1 soil) {J.Lg TPF g·1 soil) (mg C kg"1 soil) 
Indiana 
Core F 0-46 18061 1.7E+7 5900 57.9 294.9 
117-168 213 1.3E+7 546 2.8 17.0 
292-353 11 6.6E+5 20 1.8 BL8 
Core K 0-38 17342 1.0E+7 13626 53.8 252.7 
122-160 52 4.3E+6 715 3.7 11.6 
320-370 112 4.8E+6 22 6.8 BL 
Core U 0-33 20071 1.1E+7 991 28.3 308.2 
107-152 688 3.9E+6 1256 11.0 7.5 
312-366 0 1.1E+6 5277 3.5 6.9 
Iowa 
Clarion 32-45 24315 3.9E+6 383 bND 42.6 (.o) 
79-94 5427 2.8E+6 CBL NO BL <0 
196-210 54 5.8E+5 21 NO BL 
25-41 5885 5.6E+6 169 16.9 24.7 
71-86 254 3.4E+6 BL 27.1 150.3 
215-230 34 2.0E+5 BL 3.5 17.3 
Nicollet 37-51 3649 3.2E+6 25 12.6 191.1 
79-93 463 3.5E+6 386 2.1 BL 
203-220 0 3.2E+5 BL 1.5 BL 
26-54 2900 5.5E+6 97 56.0 NO 
83-107 266 1.4E+6 BL NO NO 
196-221 4 3.5E+6 53 NO NO 
Webster 17-46 34495 1.0E+7 232 NO NO 
76-107 2400 1.9E+6 48 0.8 NO 
25-53 5929 1.4E+7 187 36.3 NO 
84-94 467 2.3E+6 BL NO NO 
a BL Below Detection Limit (control C exceeded fumigated C). 
b NO Not Determined. 
c BL Below Detection Limit (20 cells g·1 soil). 
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Table 3. 2,4-D mineralization rates for soils and sediments. 
Site Depth Time a Initial Rate Total % 2,4-D 
(em) (days) (% day-1) ±std error Mineralized 
Indiana 
Core F 0-46 0-30 0.798 0.066 38.4 
117-168 0-30 0.023 0.002 1.9 
292-353 0-30 0.032 0.003 4.9 
Core K 0-38 0-30 0.681 0.028 37.9 
122-160 0-30 0.020 0.001 2.0 
320-370 0-30 0.093 0.003 9.3 
Core U 0-33 0-30 0.481 0.006 41.8 
107-152 0-30 0.039 0.002 29.9 
(92-133)b (0.221) (0.008) 
312-366 0-30 0.104 0.005 47.0 
(49-92) (0.529) (0.009) 
Iowa 
Clarion 32-45 0-30 0.892 0.081 37.2 
79-94 0-30 0.398 0.005 28.3 
196-210 0-30 0.045 0.005 4.5 
25-41 0-30 1.040 0.070 38.9 
71-86 0-30 0.243 0.005 25.2 
215-230 0-30 0.059 0.004 6.3 
Nicollet 37-51 0-30 0.783 0.026 37.7 
79-93 0-30 0.353 0.002 32.5 
203-220 0-30 0.028 0.002 2.6 
26-54 0-30 0.700 0.009 36.7 
83-107 0-30 0.192 0.004 19.5 
196-221 0-30 0.044 0.001 7.6 
Webster 17-46 0-30 0.695 0.068 30.8 
76-107 0-30 0.147 0.004 22.4 
25-53 0-30 0.677 0.054 30.9 
84-94 0-30 0.218 0.001 23.1 
• Initial rate determined by linear regression of mineralization versus time for 
0-30 days, with r2 values~ 0.90. 
b Mineralization rates after adaption with analysis times and rates in parenthesis. 
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Table 4. Recovery of 1,.C 2,4-D from soils and sediments. 
Sample Depth % 1 .. C02 %Solvent Bound 1,.C Recovery 
(I D) (em) Evolved Extracted % % 
U1 0-33 41.8 4.2 51.7 97.7 
U2 107-152 29.9 49.3 33.4 112.6 
U3 312-366 47.0 17.0 39.1 103.0 
K3 320-370 9.3 59.2 25.4 93.8 
AR248 465-506 1.74 86.4 4.1 92.4 
a Irradiated sterile control sample. 
Table 5. Correlation matrix showing r values of paired variables from Iowa site. 
Initial TMin8 2 4-Db I Biomassc TP~ Bacteria• Fungi' Sand Clay Depth 
Rate Degrader (o/o) (o/o) 
Initial Rate 1.00 
TMin 0.89*** 1.00 
Degrader 0.57- o.55- 1.00 * = p ::S: 0.1 
Biomass 0.31 0.41 -0.22 1.00 ** = p ::S: 0.05 
TPF 0.43 0.32 -0.07 0.61 1.00 *** = p ~ 0.01 
Bacteria o.6o- 0.53** 0.47* 0.31 0.81 .. 1.00 
Fungi 0.57- 0.43* o.58- 0.004 0.51 0.51- 1.00 
%Sand 0.12 -0.09 0.19 -0.52 0.08 -0.24 -0.02 1.00 
%Clay -0.09 0.12 -0.21 0.58* -0.24 0.10 -0.08 -0.96*** 1.00 
Depth -0.86*- -0.96*** -0.47* -0.48 -0.51 -0.62*** -0.50** 0.23 -0.24 1.00 
£H -0.35 -0.01 -0.27 0.42 -0.42 -0.19 -0.44* -0.30 0.29 0.07 .J:Io. 1\J 
a TMin = total 2,4-D mineralized. 
b 2,4-0-degrader population prior to added 2,4-D. 
c Biomass C from fumigation-extraction analysis. 
d TPF = dehydrogenase activity assay. 
• Bacteria = viable CFU's on 1% PTYG. 
' Fungi = viable CFU's on Rose Bengal. 
Table 6. Correlation matrix showing r values of paired variables from Indiana site. 
Initial TMin1 2 4-Db 
' 
Biomassc TPFd Bacteria a Fungir Organic Sand Clay Depth 
Rate Degrader c (%) (%) (%) 
Initial Rate 1.00 
TMin 0.64* 1.00 
Degrader 0.70•• 0.59• 1.00 * = p =:;; 0.1 
Biomass 0.95··· 0.62• 0.54 1.00 ** = p =:;; 0.05 
TPF 0.98··· 0.59• 0.75•• 0.90··· 1.00 *** = p =:;; 0.01 
Bacteria 0.72•• 0.22 0.30 0.74•• 0.71•• 1.00 
Fungi 0.94*** 0.63· 0.56 0.99··· 0.90··· 0.71•• 1.00 
%C 0.44 0.25 0.16 0.42 0.42 0.85··· 0.51 1.00 
o/o Sand -0.59• -0.30 -0.28 -0.70•• -0.62• -0.77•• -0.68·· -0.74·· 1.00 
%Clay 0.66·· 0.37 0.39 0.77•• 0.69·· 0.79··· 0.75•• 0.74·· -0.99··· 1.00 
Depth -0.86··· -0.49 -0.53 -0.92··· -0.86··· -0.80··· -0.92··· -0.65· 0.91··· -0.94••• 1.00 Jlo. (.o,) 
£H -0.89··· -0.61• -0.46 -0.98··· -0.84••• -0.75•• -0.98··· -0.63· 0.78•• -0.82··· 0.94••• 
a TMin = totai2,4-D mineralized. 
b 2,4-D-degrader population prior to added 2,4-D. 
c Biomass C from fumigation-extraction analysis. 
d TPF =dehydrogenase activity assay. 
a Bacteria = viable CFU's on 1% PTYG. 
r Fungi = viable CFU's on Rose Bengal. 
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BIODEGRADATION OF 2,4-D IN SOILS AND SUBSURFACE 
ALLUVIAL SEDIMENTS 
A paper to be submitted to Applied and Environmental Microbiology. 
J.A. Welch, T.B. Moorman, R.F. Turco, A.E. Konopka 
ABSTRACT 
Shallow alluvial aquifers in the Midwest are at risk for chemical contamination 
and are important sources of drinking water. The ability of microbial communities to 
mineralize 2,4-dichlorophenoxyacetic acid (2,4-D) in alluvial-derived soils and alluvial 
sediments was investigated. Microorganisms in the upper m of soil were able to 
mineralize 2,4-D without lag periods, with 30 to 45% 14C02 evolved after 168 d. Below 1 
m, microorganisms exhibited a variable response to 2,4-D. In approximately 70% of the 
samples, lag periods of 7 to 35 d were required for adaptation. After the lag period, 2,4-
D was mineralized rapidly, with up to 83% 14C02 evolved. In subsurface sediments 
without microbial adaptation, <15% was mineralized. 2,4-D-degrader populations 
ranged from 2,000 to 43,000 cells g-1 in surface soil and decreased with depth to <100 
cells g-1. Although bacterial and fungal populations, microbial biomass, and microbial 
activity decreased with depth, depth was not predictive of total 2,4-D mineralization or 
rates due to adaptation of subsurface microorganisms. Total mineralization and sand 
content were correlated, and microbial adaptation more frequent in sandy alluvial 
sediments. 
INTRODUCTION 
The ability of soil and subsurface sediments to attenuate applied agrichemicals 
is important in the protection of ground water resources. Alluvial aquifers, which are 
often used as drinking water supplies, have increased vulnerability for agricultural 
chemical contamination due to the close proximity of the aquifer to the ground surface 
and ground water interaction with streams or rivers (Burkart and Kolpin, 1993; Squillace 
et al., 1993). Aquifer depth is inversely related to the frequency of herbicide detections, 
because depth indicates proximity of the aquifer to surface-derived recharge that may 
contain dissolved herbicides. The length of recharge flow path from the surface to an 
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aquifer determines the time available for transport, transformation, or sorption of 
herbicides in the subsurface (Burkart and Kolpin, 1993}. 
Herbicides are transported from agricultural fields and watersheds via surface 
runoff and subsurface tile drainage systems into streams and rivers (Jayachandran et 
al., 1994; Schettler et al., 1994). McMahon et al. (1992) detected atrazine 
mineralization in shallow subsurface alluvium, but not in deeper sediments, and no 
atrazine ring carbon was mineralized. Mecoprop, a related phenoxyacetic acid 
herbicide, was degraded in (3 to 7 m) alluvial aquifer sediments, but atrazine was not 
(Klint et al., 1993). Degradation of 2,4-D was undetected in ground water (Ventullo and 
Larson, 1985), but 2,4-D was mineralized in a small percentage of subsurface 
sediments investigated by Ward (1985). This apparent lack of herbicide degradation in 
the subsurface and ground water suggests that herbicides may persist and pose a 
threat to ground water quality. 
The objectives of this study were to determine the degradation of 2,4-D in 
alluvial-derived surface soil and subsurface alluvial sediments by microbial communities 
and to investigate the influence of the physical, chemical, and microbiological 
components on biodegradation. A wide array of general and specific measures of 
microbial activity were investigated in an effort to develop useful indicators of 
biodegradation potential in subsurface sediments. Predicting herbicide biodegradation 
from physical, chemical, and microbiological characteristics in soil profiles could be 
useful in predicting pesticide movement and ground water vulnerability. 
MATERIALS AND METHODS 
Site Description. The study area is located in the floodplain of Walnut Creek 
and the Skunk River in the Walnut Creek watershed. This central Iowa watershed is 
part of the Iowa Management Systems Evaluation Area (MSEA) research sites (Jaynes 
et al., 1994; Ward et al., 1994). Cores were obtained from three locations in corn fields 
adjacent to Walnut Creek near the Skunk River in Story County, Union township-section 
5 (Figure 1). The Colland I Spillville I Zook soils were derived from recent alluvial 
deposits, and comprise 8% of the Story County soils. These soils were characterized as 
nearly level, moderately well drained to poorly drained loamy and silty soils formed in 
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alluvial deposits. They are classified as fine-loamy, mixed, mesic Cumulic Haplaquolls 
and Hapludolls. Beneath 3 to 4 m of alluvial soil and sediment is a region with 12-22 m 
of medium to coarse sand and gravel deposits called the Ames (Buried Channel) 
Aquifer. The aquifer is located within an old eroded bedrock valley and nearly follows 
the present Skunk River channel. The valley is approximately 33 m deep, with its 
deepest areas near the Squaw Creek in Ames (Dougal et al., 1980). Older glacial till 
deposits separate the bedrock from the alluvial aquifer. The city of Ames and many 
surrounding communities and rural residents rely on this aquifer for drinking water. 
Sampling Procedure. Twelve cores were obtained from three locations with a 
U.S. Environmental Protection Agency drill rig operated by a crew from the R.S. Kerr 
Environmental Research Laboratory. Continuous cores were obtained using a modified 
hollow-stem auger drilling method (leach et al., 1988). The outer layer of the core was 
removed via a paring device during the drilling process. Subsurface sediments were 
extruded and approximately 20 em lengths were placed in sterilized canning jars or 
Whirlpak bags. Samples were transported on ice to the laboratory and subsequently 
stored at 4° C prior to microbiological characterization. 
Analysis was performed on two cores com posited from the four cores at each of 
the three sites. From the two composite cores at each site, six samples were chosen on 
the basis of approximately equivalent depth, color, moisture, and textural properties. 
Moist samples were passed through a 4-mm sieve and composited within each core to 
obtain approximately 1.5 kg of composite sample for each depth range. Water content 
was determined gravimetrically by oven-drying at 1 05° C for 24 h. All data are 
expressed on an oven-dry weight basis. All operations with the sediments were 
conducted in a laminar-flow microbiological hood to maintain aseptic conditions. Soil 
moisture in the profile ranged from field capacity to saturated at the time of sampling. 
Sediments, at field capacity or wetter, were used in experiments with minimal addition of 
water. 
Microbial 2,4-D Mineralization. Mineralization experiments were conducted 
using [ring-14C] 2,4-D (Sigma Chemical Co., St. Louis, MO) and non-labeled, technical 
grade 2,4-D, 99% purity (Chern Services, West Chester, PA). Stock solutions of non-
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labeled 2,4-D were prepared in ethanol. A one ml aqueous solution of 2,4-D and 
0.001% ethanol was applied to duplicate 50 g (oven-dry basis) samples of field-moist 
sediment in autoclaved biometer flask microcosms (Bellco Glass, Inc., Vineland, NJ) at 
100 ng g·1 concentration with at least 200,000 dpm of 14C per flask. The microcosms 
were incubated in the dark at 15° C, the subsurface temperature below the damping 
depth. The 14C02 was trapped in 10 ml of 0.5 N NaOH and analyzed using liquid 
scintillation techniques. Sterile control soils irradiated with E-beams (Iowa State 
University Linear Acceleration Facility) at 50 kGy dosages were used to measure any 
non-microbiological degradation of 2,4-D. 
Characterization Techniques. Viable microbial populations in surface and 
subsurface sediments were estimated using plate counts (Welch et al., 1995). 
Populations of 2,4-D degraders were enumerated using a modification of the Lehmicke 
et al. (1979) method. Soil microbial biomass carbon was measured using fumigation-
extraction techniques (Tate et al., 1988) and microbial activity via the dehydrogenase 
assay (Tabatabai, 1982). Basal microbial respiration (C02) was determined using 50 g 
field moist soil samples and incubating for 21 d. Respired C02 was trapped using 0.5 N 
NaOH, and analyzed on a Dohrmann DC-180 carbon analyzer (Rosemount Analytical 
Services, Santa Clara, CA) calibrated with potassium phthalate standards. The results 
are reported as f..lg C g·1 soil d"1. Total organic carbon and nitrogen were measured 
using dry combustion methods in a Carlo-Erba NA 1500 NCS elemental analyzer (Haake 
Buchler Instruments, Paterson, NJ). Soil pH and particle size distributions were 
measured (Day, 1965; Welch et al., 1995). Mass balance in the system was determined 
by summing the percentages of 14C in three fractions, the percentage of 14C02 evolved, 
solvent extractable 14C, and sediment bound residue determined through oxidation 
(Welch et al., 1995). 
Analysis of Mineralization Rates. All statistical analyses were performed 
using PC SAS. First-order and three-half-order models for mineralization curve 
prediction were fit to the data, but poor parameter estimates resulted (Brunner and 
Focht, 1984). Therefore, a two-stage process of rate estimation was used. Initial 
mineralization rates (% d"1) were determined by linear regression of the 14C02 evolved 
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during incubation, starting at the initial addition of 2,4-D (Figure 2). Time intervals for 
analysis were chosen for individual mineralization curves, with the acceptance criteria 
for the regression data at r-2;;:: 0.9. If curves had lag periods followed by increased 14C02 
evolution, rates were also determined for increased mineralization after microbial 
adaptation. 
RESULTS 
Soil and subsoils at the three sampling sites overlie layers of alluvial sediments 
having varying textural and chemical properties. Alluvial sediments were deposited due 
to the sorting of water flow, resulting in layers with different textural properties. These 
layers were relatively consistent between the three sites, with minor variations in 
thickness and textural analysis (Table 1). Cores from both site two and three were 
drilled into the upper portion of the sandy alluvial aquifer, but the cores from site one did 
not reach the upper surface of the alluvial aquifer, even though the samples were 
collected to the same depth as site three. At similar depths in the profile, textural 
properties, measured as percent grain size of individual samples, were more 
homogeneous within each site than between sites (Table 1). Percent organic carbon 
and nitrogen in the soil profiles decreased with depth with distinctly lower C and N 
contents in the sediments below 1 m depth (Table 1). The water table is located 
between 1 to 3 m depth on average, with seasonal and precipitation variation. 
Bacterial and fungal populations were greatest in surface soils (Table 2). 
Bacterial populations varied between sites and depths, although populations generally 
decreased with depth and stabilized near 106 CFU g-1 soil in the subsurface. Fungal 
populations were less variable than bacterial populations between sites, but were not 
detected below 3.5 m (Table 2). Depth was negatively correlated with both fungal and 
bacterial populations (Table 3). The 2,4-D-degrader population was greatest in the 
surface soils and decreased with depth into the profile (Table 2). Degrader populations 
were variable within cores and between sites. Degrader populations in surface soils at 
site 3, an average of two measurements, were 43,191 and 4,210 cells g-1 sediment, 
therefore, the standard deviation was very high. Degrader populations at site 2 were 
4,269 and 2,050 cells g-1 sediment, and site 1 had populations of 50 and 2,840 cells g-1 
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sediment. These populations were small compared to total populations of bacteria and 
fungi determined using viable plate counts and generally accounted for less than 1% of 
the total microbial population. Degrader populations were below the detection limit of 21 
cells g"1 in two subsurface sediments. 
Biomass and activity measurements were greatest in the upper meter of soils, 
and decreased rapidly below one meter depth (Table 2). Dehydrogenase enzyme 
activity, biomass C, and respiration were negatively correlated with depth (Table 3). An 
alternative measure of microbial biomass, total extractable phospholipid, was 
determined for these alluvial sediments at Purdue University (R. Turco, personal 
communication). Phospholipid content varied between cores and sites and decreased 
with depth to approximately one meter, then stabilized at low amounts below one meter 
depth (Figure 3). Variability in the dehydrogenase, biomass (fumigation-extraction), and 
respiration measurements increased with depth, possibly due to differences between 
the microbiological, physical, and chemical characteristics in surface versus subsurface 
sediments. 
Mineralization of 100 ng g"1 2,4-D was determined in duplicate core samples 
taken in two boreholes from each of the three sites (Figures 4,5,6). The average 14C02 
evolution after 214 din seven sterile soils and alluvial sediment samples was 1.8%, 
therefore abiotic degradation was insignificant for 2,4-D mineralization. Analysis of 14C 
mass balance from alluvial soil and sediment determined that approximately 88% of the 
total 14C had been accounted for as evolved 14C02, solvent-extractable 14C, or as bound 
residue (Table 4). As more 2,4-D was mineralized, less was recovered from either 
solvent-extractable or bound fractions. McCall et al. (1981) reported that metabolites of 
2,4-D were not observed during soil incubation, and loss of 2,4-D correlated with 
mineralization. Ou (1984) also concluded that the disappearance rate of extractable 14C 
represented the disappearance rate of extractable 2,4-D with less than a 5% difference. 
Microorganisms in the upper meter of the profile were able to mineralize [ring-
14C] 2,4-D without lag periods, even though the herbicide had not been applied at these 
sites for at least four growing seasons. Initial mineralization rates in the top meter 
decreased with depth, and varied from 0.26 to 3.2% d "1 (Tables 5,6,7). At d 168, 30 to 
45% of the total applied 2,4-D had evolved as 14C02. In approximately 70% of the 
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subsurface sediments, lag periods of 7 to 56 d were observed before onset of more 
rapid mineralization. The increased mineralization rate after a lag period is evidence of 
microbial adaptation to an organic compound (Alexander, 1994). Several deeper 
aquifer zone sediments exhibited high mineralization rates after adaptation, which were 
greater than the initial rates of several surface soils (Tables 5,6,7). Microorganisms in 
other subsurface sediments had low mineralization rates and did not adapt, therefore, 
mineralization rates did not increase during the experiment. During lag periods, rates of 
mineralization in sediments below one meter depth varied from 0.04 to 0.54% d"1. After 
the lag period, mineralization rates increased rapidly, ranging between 0.17 to 3.9% d-1• 
Mineralization rates leveled off within approximately 100 d and 22 to 83% of the 2,4-D 
evolved as 14C02• At site 1, mineralization rates and total 2,4-D degraded decreased 
and lag times increased with increasing depth. Several subsurface sediments from 2, 
3.5, and 4.5-5 m depths at sites 2 and 3 mineralized twice as much total 2,4-D as 
surface soils. In subsurface sediments that did not exhibit microbial adaptation, <15% 
of the totai2,4-D was mineralized by d 170 (Tables 5,6,7). 
Initial 2,4-D mineralization rates were positively correlated with initial microbial 
populations, activity and biomass assays, and negatively correlated with depth (Table 
3). In contrast, mineralization rates after adaptation were not correlated to initial 
microbial population, activity or biomass assays. Textural composition of the sediments 
had an impact on the total amount of 2,4-D mineralized. Sand content was positively 
correlated with total 2,4-D mineralized and mineralization rates after adaptation. Sand 
content was also positively correlated with depth (Table 3 and Figure 7). 
Microbial Growth. An additional experiment was performed to determine if 
differences between 14C02 evolution curves could be caused by variation in degrader 
population size. Alluvial sediments with several patterns of mineralization and a variety 
of textural properties were used in this experiment (Figures 4,5,6). To determine if 
degrader growth was the dominant mechanism controlling mineralization, 2,4-D-
degrader populations were measured prior to herbicide addition and after incubation. 
Initial degrader populations were small, ranging from less than detectable (<21 cells g"1) 
to 300 cells g·1 sediment. The degrader populations increased considerably in all 5 
samples after 162 d of incubation (Figure 8). Degrader growth was larger than 
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expected in sample R8 (Figure 8), since the mineralization curve appeared to follow 
first-order kinetics and significant population growth is not expected in first-order 
degradation processes (Alexander and Scow, 1989). In other soils and alluvial 
sediments incubated without 2,4-0, growth of degraders increased in surface soils (50 
to 100 em depth) by one to two orders of magnitude in 125 d, while degrader 
populations in the aquifer sediment (>4 m) declined by an order of magnitude. The 
stirring of soil and sediments during 2,4-0 addition may have released soluble carbon 
from the sediments which could have supported growth. Subsurface sediments (R22 
and R24) required lag periods of approximately 25 to 50 d prior to increased 2,4-0 
mineralization rates, and 2,4-0-degrader populations increased considerably in these 
sediments. Microorganisms in sediment R27 (130 to 155 em) did not adapt to 2,4-0 
degradation during this experiment and the degrader population increased, although the 
increase was not as great as in sediments having adapted microbial populations. R3 
was intermediate in mineralization response, with the degrader population increasing 
significantly. 
The texture of these sediments was variable, ranging from a loam to a sediment 
containing 94% sand (Table 8). The final degrader population was positively correlated 
with sand content (r = 0.9); and negatively correlated with silt (r = -0.9) and clay content 
(r = -0.8). These observations concerning sand content as the predominant requirement 
for the fastest mineralization rates and greatest amount of 2,4-0 degraded were in 
agreement with our previous observations. Therefore, these subsurface sediments with 
greater sand content generally have a larger final degrader population and more total 
2,4-0 mineralized. 
DISCUSSION 
Lag periods often precede increased microbial metabolism and more rapid 
degradation of many organic compounds in soil and sediment systems (Alexander, 
1994). Several proccess and mechanisms may contribute to the acclimation or 
adaptation of microorganisms to organic compound degradation. Mechanisms 
responsible for microbial adaptation may include: enzyme induction for degradation 
pathways, growth of small degrading populations, preferential usage of substrates, or 
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genetic evolution of degradative capability. The length of the adaptation period is 
important because it represents a time delay before a contaminant is transformed, once 
it moves into the subsurface. If organic compounds are mobile and likely to be 
transported, the potential for ground water contamination exists if the chemicals are 
persistent or require long lag periods prior to microbial biodegradation. 
The adaptation of subsurface microorganisms to 2,4-D was highly variable in 
these subsurface alluvial sediments. Microorganisms in approximately 70% of the 
samples from these subsurface alluvial sediments exhibited lag periods prior to 
adaptation to the herbicide 2,4-D. Yet, 2,4-D was rapidly degraded once 
microorganisms adapted. In several subsurface alluvial sediments the rate of 
degradation after adaptation was even faster than in surface soils, but the reasons for 
these elevated mineralization rates were not determined. 
Our results showing adaptation to 2,4-D are similar to results obtained 
elsewhere. Mecoprop, a related phenoxyacetic acid herbicide, was degraded after a 40 
d lag period (Klint et al., 1993). Aelion et al. (1987) reported large variability in 
adaptation response of microorganisms to p-nitrophenol (PNP) in subsurface sediments, 
with lag periods ranging from 7 to 42 d, with significant increases in p-nitrophenol-
degraders following adaptation. 
Subsurface 2,4-D-degrader populations were several orders of magnitude lower 
than surface soil populations and they may require a growth period prior to adaptation. 
Previously, Chen and Alexander (1989) investigated degradation of 2,4-D in lake water 
and found lag periods prior to microbial adaptation were necessary for growth of 
degrader populations. Our data on a small number of sediments show that microbial 
populations capable of adaptation had greater increases in degrader populations, larger 
mineralization rates, and greater percentages of 2,4-D evolved as 14C02. Other 
mechanisms of adaptation may contribute to increased mineralization of 2,4-D in the 
subsurface. Mutation and selection of adapted 2,4-D degraders are possible 
mechanisms, but 2,4-D degraders were measured in all sediments prior to 2,4-D 
addition. Lag periods measured in these experiments were generally longer than 
necessary for induction of enzymes (Alexander, 1994). 
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Sand content is apparently a strong influencing factor in adaptation response in 
the subsurface, although the actual reason for the increased biodegradation is not 
known. The bioavailability of 2,4-D may be greater in sandy sediments due to less 
sorption and bound residue formation. Sandmann et al. (1988) found that in sandy, low 
organic matter soils little 2,4-D is adsorbed, and a greater potential for leaching exists. 
Hermosin and Cornejo (1993) found increased adsorption of 2,4-D in soils with greater 
organic matter content. Subsurface sediments with high sand content may also allow 
greater advection and diffusion of the 2,4-D to microorganisms in those regions. Local 
water flow in the alluvial subsurface may allow more rapid transport of water in the 
sandy sediments creating zones with increased oxygen and nutrient content (Chapelle, 
1993). Additional carbon and nitrogen sources may allow microorganisms in these 
regions to remain more active and ready to use transient organic sources. 
Mineralization rates, total 2,4-D mineralized, and adaptation of microorganisms 
to 2,4-D in the sandy alluvial sediments were very different from that found in glacial till 
from Iowa and Indiana. Generally, the microorganisms in the till did not adapt to 2,4-D 
and less than 20% of the 2,4-D was mineralized over similar time periods in till from >1 
m depth. The sand content of the tills generally ranged between 40 to 60%, which is 
somewhat less than the sandiest alluvial sediments. However, the till materials are only 
slowly transmissive to water (Simpkins et al., 1995), and in that respect may behave like 
the alluvial sediments which are lower in sand content. Welch et al. (1995) also 
reported that microorganisms in a sand layer adapted and mineralized more 2,4-D than 
glacial till located higher in the profile. While the reasons for the differences between 
the till and alluvial sediments are not understood at this time these two geologic 
materials clearly exhibited different patterns of 2,4-D biodegradation. 
Because soils and sediments with more microbial activity are likely to have 
increased potential for herbicide degradation, dehydrogenase activity was anticipated to 
be an indicator of 2,4-D biodegradation. The dehydrogenase activity and mineralization 
rate were correlated (,-2=0.65) using linear regression. Once the data were divided into 
surface (<1m depth), subsurface, or into adapted and unadapted sediments, 
dehydrogenase activity was not as accurate an indicator of microbial degradation 
(Figure 9). The correlation (,-2=0.68) between dehydrogenase activity and mineralization 
54 
rates in the upper meter was 0.68. Correlation between dehydrogenase activity 
(~=0.43) and mineralization rate was reduced in sediments below one meter depth. 
One subsurface sample skewed correlation results because it exhibited an extremely 
high mineralization rate (4.4 % d"1) compared to its relatively low dehydrogenase activity 
(22.4 ~g TPF g"1 soil). Total populations of microorganisms, measured using plate 
counts, are also a relative indicator of 2,4-0 degraders, and may indicate in situ 
biodegradation potential of 2,4-0. This study determined that 2,4-0-degraders existed 
in all sediments. The relative change in population after application of 2,4-0 was also 
found to be as important as the initial population size in determining the rate of 
biodegradation. Ou (1984) also investigated 2,4-0 in surface soil and found 
degradation was correlated to growth and population size. Based on our findings, 
simple measurements that can be used as indicators appear to be difficult to quantify 
and interpret. Adaptation and growth of subsurface microorganisms made 
biodegradation prediction difficult. 
LITERATURE CITED 
1. Aelion, C.M., C.M. Swindell, and F.K. Pfaender. 1987. Adaptation to and 
biodegradation of xenobiotic compounds by microbial communities from a pristine 
aquifer. Appl. Environ. Microbiol. 53:2212-2217. 
2. Alexander, M. 1994. Biodegradation and bioremediation. Academic Press, Inc., 
San Diego, CA. 
3. Alexander, M. and K.M. Scow. 1989. Kinetics of biodegradation in soil, p. 243. In 
B.L. Sawhney and K. Brown (ed.), Reactions and Movement of Organic Chemicals 
in Soils. Soil Sci. Soc. Amer. Pbl. 22. Madison, WI. 
4. Brunner, W., and D.O. Focht. 1984. Deterministic three-half-order kinetic model 
for microbial degradation of added carbon substrates in soil. Appl. Environ. 
Microbiol. 47:167-172. 
5. Burkart, M.R. and D.W. Kolpin. 1993. Hydrologic and land-use factors associated 
with herbicides and nitrate in near-surface aquifers. J. Environ. Qual. 22:646-656. 
6. Chapelle, F.H. 1993. Ground-water microbiology and geochemistry. John Wiley & 
Sons, Inc. New York. 
55 
7. Chen, S. and M. Alexander. 1989. Reasons for the acclimation for 2,4-D 
biodegradation in lake water. J. Environ. Qual. 18:153-156. 
8. Day, P.R. 1965. Particle fractionation and particle-size analysis, p. 545-566. In 
C.A. Black et al. (ed.), Methods of soil analysis. Part 1. Agron. Monogr. 9. ASA and 
SSSA, Madison, WI. 
9. Dougal, M.D., R.C. Palmquist, T.A. Austin, R.A. Lohnes. 1980. Ground water 
study Ames-Cambridge reach of the skunk river story county, Iowa, In Engineering 
Research Institutes and Iowa State Water Resources Research Institute. Iowa 
State Univ. Ames, lA. 
10. Hermosin, M.C., and J. Cornejo. 1993. Organic chemicals in the environment, 
binding mechanism of 2,4-Dichlorophenoxyacetic acid by organa-clays. J. Environ. 
Qual. 22:325-331. 
11. Jayachandran, K., T.R. Steinheimer, L. Somasundaram, T.B. Moorman, 
R.S. Kanwar, and J.R. Coats. 1994. Occurrence of atrazine and degradates as 
contaminants of subsurface drainage and shallow groundwater. J. Environ. Qual. 
23:311-319. 
12. Jaynes, D.B., J.L. Hatfield, and P.J. Soenksen. 1994. Water and chemical 
transport in surface and tile discharge of Walnut Creek, p. 430-445. In Toxic 
Substances and the Hydrologic Sciences. 
13. Klint M., E. Arvin, and B.K. Jensen. 1993. Degradation of the pesticides 
mecoprop and atrazine in unpolluted sandy aquifers. J. Environ. Qual. 22:262-266. 
14. Leach, L.E., F.P. Beck, J.T. Wilson, and D.H. Kampbell. 1988. Proceedings of 
the 2nd national outdoor action conference on aquifer restoration, ground water 
monitoring and geophysical methods. May 23-26. Vol. 1. Las Vegas, NV. 
15. Lehmicke, L.G., R. T. Williams, and R.L. Crawford. 1979. 14C-Most-probable-
number method for enumeration of active heterotrophic microorganisms in natural 
waters. Appl. Environ. Microbial. 38:644-649. 
16. McCall, P.J., S.A. Vrona, and S.S. Kelley. 1981. Fate of uniformly carbon-14 ring 
labeled 2,4,5-trichlorophenoxyacetic acid and 2,4-dichlorophenocyacetic acid. J. 
Agric. Food Chern. 29:100-107. 
17. McMahon, P.B., J.H. Chapelle, and M.L. Jagucki. 1992. Atrazine mineralization 
potential of alluvial-aquifer sediments under aerobic conditions. Environ. Sci. 
Techno!. 26:1556-1559. 
18. Ou, L-T. 1984. 2,4-D degradation and 2,4-D degrading microorganisms in soils. 
Soil Sci. 137:1 00-1 07. 
56 
19. Sandmann, E.R.I.C., M.A. Loos, and L.P. van Dyk. 1988. The microbial 
degradation of 2,4-Dichlorphenoxyacetic acid in soil. Rev. Environ. Contamin. 
Toxicol. 101:1-53. 
20. Schettler, S.P., S.J. Eisenreich, and P.O. Capel. 1993. Atrazine, alachlor, and 
cyanazine in a large agricultural river system. Environ. Sci. Technol. 28:1079-
1089. 
21. Simpkins, W.W., T.B Parkin, T.B. Moorman, and M.R. Burkart. 1995. 
Subsurface geolgy: A key to understanding water quality problems. In proceedings 
Clean Water- Clean Environment 21st Century. Vol. 3. Practices, Systems and 
Adoption. March 5-8, 1995. Kansas City, MO. ASAE, St Joseph, MI. 
22. Squillace, P.J., E.M. Thurman, and E.T. Furlong. 1993. Groundwater as a 
nonpoint source of atrazine and deethylatrazine in a river during base flow 
conditions. Water Resour. Res. 29:1719-1729. 
23. Tabatabai, M.A. 1982. Soil enzymes. p. 903-943. In A.L. Page et al. (ed.) 
Methods of Soil Analysis. Part 2. 2nd ed. Agron. Monogr. 9. ASA and SSSA, 
Madison, WI. 
24. Tate, K.R., D.J. Ross, and C.W. Feltham. 1988. A direct extraction method to 
estimate soil microbial C: Effects of experimental variables and some different 
calibration procedures. Soil Bioi. Biochem. 20:329-335. 
25. Ventullo, R.M., and R.J. Larson. 1985. Metabolic diversity and activity of 
heterotrophic bacteria in ground water. Environ. Toxicol. Chern. 4:759-771. 
26. Ward, A.D., J.L. Hatfield, J.A. Lamb, E.E. Alberts, T.J. Logan, and 
J.L. Anderson. 1994. The management systems evaluation areas program: 
Tillage and water quality research. Soil & Tillage Research. 30:49-74. 
27. Ward, T.E. 1985. Characterizing the aerobic and anaerobic microbial activities in 
surface and subsurface soils. Environ. Toxicol. Chern. 4:727-737. 
28. Welch, J.A., T.B. Moorman, R.F. Turco, and A.E. Konopka. 1995. 
Biodegradation of 2,4-D in Midwestern glacial till sediments. To be submitted to 
Appl. Environ. Microbiol. 
57 
Iowa 
Story County 
? 
Study Area 
Walnut Creek 
1 KILOMETERS 
Figure 1. Location of three sample sites in relation to alluvial aquifer boundary 
and streams in Walnut Creek Watershed in central Iowa. 
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Figure 2. Calculation of initial mineralization rate and rate after adaptation determined by 
linear regression(~> 0.90) of 14C02 evolution for selected time periods. Symbols 
represent means of replicate flasks with one standard deviation error bars. 
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Figure 3. Microbial phospholipid content (nMol g·1) in alluvial soils and sediments from 
Walnut Creek Watershed. 
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Table 1. Physical analysis of Walnut Creek Watershed soils and alluvial sediments. 
Soil Texture % 
Site 
Depth (em) pH %N o/oC Ratio C/N Sand Silt Clay 
Site# 1 
0-25 7.31 ± 0.29 0.12 ± 0.02 1.91 ± 0.03 16.6 ± 2.72 55± 1.41 27 ± 1.41 18 ±0 
38-01 6.85 ±0.04 0.20 ±0.04 2.61 ± 0.53 13.4 ± 0.18 34 ±0 43 ± 1.41 23±1.41 
81-109 6.57 ± 0.43 0.12 ± 0.002 1.75±0.01 15.2±0.19 40 ± 5.66 33 ± 1.41 27 ±4.24 
132-168 6.98 ± 0 0.03 ±0.002 0.54 ± 0.001 17.7±1.12 55±1.41 25±1.41 20±0 
165-201 7.02 ± 0.08 0.02 ± 0.01 0.30 ± 0.12 12.6 ± 0.97 57±1.41 25 ± 1.41 18 ±0 
323-356 6.95±0.07 0.01 ± 0.01 0.20 ±0.06 16.1 ± 5.71 25 ± 7.07 46 ±2.83 29 ±4.24 
Site# 2 
0-25 7.10 ± 0.04 0.13 ± 0.001 1.60 ± 0.08 12.4 ± 0.71 37 ± 1.41 40±0 23 ± 1.41 
61-99 7.24 ± 0.13 0.04 ± 0.003 0.67 ± 0.003 16.2 ± 1.43 46 ±0 36±0 18±0 
122-163 6.59 ±0.40 0.03 ± 0.01 0.68 ± 0.01 21.8 ± 5.30 31 ±4.24 36 ±2.83 33 ± 1.41 
241-292 6.78 ± 0.01 0.01 ± 0.0005 0.14 ± 0.01 16.7 ± 0.27 55±1.41 24 ±0 21 ± 1.41 
335-356 6.83 ± 0.02 0.02 ±0.004 0.17 ± 0.05 9.6 ± 0.60 29 ± 9.90 40 ±5.66 31 ±4.24 
460-506 7.06 ± 0.05 a 0.02 ± 0.01 93 ± 1.41 4±0 3 ± 1.41 
Site# 3 
0-28 7.41 ± 0.04 0.19 ± 0.05 2.38 ± 0.07 12.8 ± 3.43 38±0 36 ±0 26 ±0 
61-91 6.84 ± 0.03 0.06 ± 0.01 0.98 ± 0.24 16.1 ± 0.39 47±1.41 29 ± 1.41 24 ±0 
122-163 6.51 ± 0.10 0.02 ± 0.01 0.29 ± 0.11 17.5 ± 0.43 60 ± 2.83 25 ± 1.41 15 ± 1.41 
173-218 6.99 ±0.24 0.07 ± 0.05 84±0 8±0 8±0 
196-236 6.64 ± 0.11 0.01 ± 0.003 0.11 ±0.03 10.3 ± 0.66 49 ± 1.41 22±0 29 ± 1.41 
327-368 7.07 ± 0.16 0.18 ± 0.07 93 ± 1.41 4±0 3 ± 1.41 
• Indicates values below minimum detection limit. 
Table 2. Microbiological activity and populations in Walnut Creek Watershed soils and alluvial sediments. 
Depth Fungi Bacteria 2.4-D Oeorader Oehvdrooenase Biomass Respiration 
em CFU g·1 soil CFU g·1 soil cells g·1 soil ~ TPF ll-1 soil mg C kg·1 soil es c g·1 soil d"1 
SITE 1 
0-25 44154 ± 2213 2.1E+7 ± 1.1E+7 2903 ± 89 65.2 ± 10.5 278 ± 1.24 3.84 ±0.20 
38-61 4446 ± 491 3.4E+ 7 ± 3.6E+ 7 296 62.4 ± 14.3 329 ± 119 1.21 ± 0.45 
81-109 2620 ± 1364 2.0E+6 ± 3.5E+S 114 ± 38 16.0 ± 13.7 93±26 0.83 ± 0.29 
132-168 538 ± 463 4.3E+6 ± 5.0E+6 129 7.4 ± 5.6 66 0.60 ± 0.41 
165-201 147±191 2.2E+6 ± 2.6E+6 39 ±21 11.6 ± 4.5 43 ±4.9 0.64 ± 0.33 
323-356 4±6 2.3E+6 ± 1.0E+6 51± 0.05 0.8 ± 0.05 No• 1.18±0.58 
SITE 2 
0-25 234525 ± 13340 2.4E+ 7 ± 2.0E+ 7 3160 ± 1569 101.6 ± 3.8 295 ±24 3.78 ± 0.80 
61-99 2074 ± 2418 2.9E+6 ± 3.0E+6 344 ± 85 18.3 ± 15.3 90 ±6.8 1.58 ± 0.82 
122-163 317 ±448 8.8E+5 ± 9.0E+S 220 ± 280 11.7±11 58 ±21 1.50 ± 1.04 ()) 
241-292 16 ± 12 2.8E+6 ± 1.8E+6 NO 6.5±1.14 11 ± 15 1.35 ± 0.28 ....... 
335-358 2±3 1.9E+6 ± 1.2E+6 97 ±56 0.8 ±0.73 NO 0.88 ± 0.27 
460-506 0 1.1E+6±6.1E+S 180 10.7 ± 4.34 6.6 0.65 ± 0.53 
SITE3 
0-28 17 453 ±18054 4.8E+6 ± 1.3E+4 23700 ± 27563 78.9 ±39 246 ±20 5.14 ± 0.76 
61-91 632 ±631 3.8E+5 ± 8.1 E+4 1212 ± 1173 33.6 ±30 44±62 0.93 ± 0.43 
122-163 190 ±35 2.6E+5 ± 2.6E+4 NO 5.6 ±4.7 36 0.51 ± 0.00 
173-218 27±39 4.9E+6 ± 3.5E+6 1703 ± 1601 22.4 ±2.4 27±25 0.44 ± 0.14 
196-236 23±4 4.6E+5 ± 5.6E+4 NO 5.5 ±4.2 11 ± 13 0.63 ± 0.21 
327-368 6±8 8.1E+6 ± 1.0E+7 484 ± 133 1.6 ± 1.3 23 0.90 ±0.34 
• Not Determined. 
Table 3. Correlation matrix showing r values of paired variables from soils and alluvial sediments. 
Initial Adapted TMin8 2 4-Db I Biomassc TP~ Bacteria• Fungi' Organi Sand 
Rate Rate Degrader cC (%} (%} 
Initial Rate 1.00 
Adpt. Rate 0.36* 1.00 
* = p ~ 0.1 
TMin 0.12 0.78*** 1.00 •• = p ~ 0.05 
Degrader 0.61*** 0.87*** 0.08 1.00 
Biomass 0.71*** -0.42* -0.18 0.37 1.00 *** = p ~ 0.01 
TPF 0.81*** 0.29 0.07 0.24 0.82*** 1.00 
Bacteria 0.36- 0.02 0.05 0.07 0.79*** 0.49*** 1.00 
Fungi 0.75*- -0.17 0.06 0.12 0.54*** 0.67*** 0.42*** 1.00 
o/oC 0.65*** -0.32 -0.14 0.43- 0.89*** 0.77*** 0.58*** 0.33- 1.00 
%Sand -0.24 0.72*** 0.81 *** -0.11 -0.49 -0.25 -0.13 -0.19 -0.43*** 1.00 0> 
Depth -0.69*** 0.31 0.11 -0.35* -0.74*** -0.76*** -0.38- -0.45*** -0.79*** 0.40-
(X) 
a TMin = total 2,4-D mineralized. 
b 2,4-0-degrader population prior to added 2,4-D. 
c Biomass C from fumigation-extraction analysis. 
d TPF = dehydrogenase activity assay. 
• Bacteria = viable CFU's on 1% PTYG. 
' Fungi = viable CFU's on Rose Bengal. 
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Table 4. Recovery of 1•c 2,4-D from soils and alluvial sediments. 
Sample Depth %1•co2 %Solvent Bound 1•c Recovery 
(I D) (em) Evolved Extracted o/o % 
R1 0-25 40.7 5.2 53.8 99.6 
R5 165-183 38.3 7.5 39.9 85.8 
R6 323-356 7.9 53.1 25.7 86.7 
R7 0-20 39.5 4.2 48.2 91.9 
R11 180-201 22.0 34.4 38.2 94.5 
R12 335-356 10.3 59.2 27.0 96.5 
CR3 132-158 35.2 5.2 42.1 82.5 
CR8 38-61 34.3 6.9 58.5 99.6 
CR22 269-292 49.3 1.3 24.2 74.7 
CR24 465-506 71.3 3.0 13.3 87.6 
CR27 130-155 20.2 8.0 37.2 65.4 
AR248 465-506 1.74 86.4 4.1 92.4 
• Irradiated sterile control sample. 
Table 5. 2,4-D mineralization rates in Walnut Creek Watershed alluvium at site 1. 
Site Lag Time• Analysisc Initial Rate Avg. Rate Adpt. Rated Analysis• Avg. Rate Total o/o 2,4-D 
(days) (days) (% day-1) ± st dev (% day"1) (days) ± st dev Mineralized 
Site# 1 
0-25 0 0-14 1.07 1.28 ± 0.30 40.0±0.86 
0 0-14 1.48 
38-61 0 0-21 0.73 0.68 ±0.07 34.2 ±0.08 
0 0-28 0.63 
81-109 0 0-28 0.38 0.36 ±0.03 31.3 ± 0.61 
0 0-28 0.34 
132-168 21 0-21 0.17 0.19 ± 0.03 0.42 21-56 0.42 ± 0.009 35.0 ± 0.19 -..... 
14 0-14 0.21 0.41 14-56 0 
165-201 21 0-21 0.11 0.10 ± 0.01 0.49 28-56 0.33 ± 0.22 30.2 ± 11.51 
28 0-28 0.09 0.17 56-119 
323-356 NAb 0-28 0.05 0.37 ± 0.44 9.1 ± 1.69 
NA 0-28 0.07 
a Lag time is period prior to increased 2,4-D mineralization. 
b NA Non-adapted sediments without lag periods or increased adaptation. 
c Time period used in linear regression initial rate analysis. 
d Mineralization rate after microbial adaptation. 
• Time period used for linear regression analysis of adapted populations. 
Table6. 2,4-D mineralization rates in Walnut Creek Watershed alluvium at site 2. 
Site Lag Time• Analysis0 Initial Rate Avg. Rate Adpt. Rated Analysis• Avg. Rate Total % 2,4-D 
(days) (days) (% day"1) ± st dev (% day"1) (days) ± st dev Mineralized 
Site# 2 
Q-25 0 0-14 2.15 2.68 ±0.75 45.7 ±0.58 
0 0-7 3.21 
61-99 0 0-21 0.26 0.29 ±0.05 37.9 ±4.39 
14 0-14 0.33 0.57 14-55 
122-163 28 0-28 0.18 0.13 ± 0.07 0.33 28-84 22.6 ± 16.34 
NAb 0-28 0.08 
241-292 28 0-28 0.08 0.08 ± 0.001 0.63 42-84 0.63 ±0.002 49.2 ±3.28 
28 0-28 0.08 0.64 42-84 
......, 
-->. 
335-356 NA 0-28 0.05 0.06 ±0.02 8.9 ±2.39 
NA 0-28 0.07 
460-506 7 0-7 0.21 0.13±0.12 3.93 7-28 2.6 ± 1.88 71.3 ± 0.56 
28 0-28 0.04 1.27 49-84 
• Lag time is period prior to increased 2,4-D mineralization. 
b NA Non-adapted sediments without lag periods or increased adaptation. 
c Time period used in linear regression initial rate analysis. 
d Mineralization rate after microbial adaptation. 
• Time period used for linear regression analysis of adapted populations. 
Table 7. 2,4-D mineralization rates in Walnut Creek Watershed alluvium at site 3. 
Site Lag Time• Analysisc Initial Rate Avg. Rate Adpt. Rated 
(days) (days) (% day"1) ± st dev (% day"1) 
Site# 3 0-14 
0-28 0 0-7 1.69 2.29 ± 0.85 
0 0-28 2.90 
61-91 0 0-28 0.75 0.61 ± 0.21 
0 0-28 0.46 
122-163 NAb 0-28 0.12 0.21 ± 0.14 
21 0-21 0.31 0.69 
173-218 7 0-7 0.52 2.47 ± 2.76 2.89 
0 0-14 4.42 
196-236 7 0-7 0.54 0.47 ± 0.10 1.83 
NA 0-28 0.39 
327-368 14 0-14 0.06 0.07 ± 0.02 1.24 
7 0-7 0.09 1.57 
• Lag time is period prior to increased 2,4-D mineralization. 
b NA Non-adapted sediments without lag periods or increased adaptation. 
c Time period used in linear regression initial rate analysis. 
d Mineralization rate after microbial adaptation. 
• Time period used for linear regression analysis of adapted populations. 
Analysis• 
(days) 
28-56 
7-21 
7-28 
21-49 
21-42 
Avg. Rate Total o/o 2,4-D 
± st dev Mineralized 
42.8 ± 0.98 
40.8 ±3.62 
34.3 ± 18.41 
1.61 ± 1.81 70.3 ±2.78 ....... 
N 
49.2 ±27.59 
1.41 ± 0.23 76.4 ± 9.34 
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Table 8. Physical analysis of soils and alluvial sediments in population experiment. 
ID Depth Sand Silt Clay Classification 
(em) (%) (%) (%) 
R8 38-61 34 44 22 loam 
R3 132-158 56 24 20 sandy clay loam 
R27 130-155 58 26 16 sandy loam 
R22 269-292 54 24 22 sandy clay loam 
R24 465-506 94 4 2 sand 
74 
GENERAL SUMMARY 
In this thesis I have attempted to characterize microbial, physical, and chemical 
properties and to evaluate the microbial biodegradation potential of 2,4-0 in soils, till, and 
alluvial sediments. My results demonstrate that moderate amounts of 2,4-0 are rapidly 
degraded in surface soils. Mineralization rates, time required for mineralization, and 
14C02 released from surface soils were approximately equal between sites and soil types. 
Microbial characterization indicated that the highest populations, biomass, and activity 
occurs within the upper meter of the soil profile. In general, microbial activity, degrader 
populations, organic carbon, and 2,4-0 mineralization declined with depth. 
Microorganisms in subsurface alluvial sediments frequently became adapted to 
2,4-0 mineralization after lag periods. Subsurface sediments with adapted microbial 
populations mineralized significantly more 2,4-0 than microorganisms in surface soils or 
unadapted microorganisms in subsurface alluvial sediments. Microbial adaptation 
occurred more frequently and greater amounts of total 2,4-0 were degraded in the alluvial 
subsurface, than from either till site. Microbial populations in till did not adapt, except for 
one sample from the Indiana site with an 80 d lag period followed by an increased 
mineralization rate. Microorganisms in a sand and gravel sediment (3 m) from the same 
Indiana borehole adapted after a 25 d lag. Microorganisms in this sediment mineralized 
more 2,4-0 than till or surface soils from the site. Initial 2,4-0-degrader populations were 
higher in these sediments with adapted microorganisms from the Indiana site. 
Textural properties appear to impact adaptation and total 2,4-0 mineralized by 
microorganisms in subsurface sediments. Subsurface sediments with high sand content 
had increased mineralization rates after lag periods and more totai2,4-0 degraded. Yet, 
the ability to predict biodegradation prior to herbicide addition was difficult, because 
microbial adaptation and subsequent mineralization in subsurface sediments was variable 
between sites, soils, and with depth. Techniques that measure total biomass or activity 
were not found to be good indicators of biodegradation. A better understanding of 
function and interaction of microorganisms within the natural environment is necessary to 
help us learn how to better manage our agricultural land to reduce environmental 
degradation and agricultural impacts on water quality. 
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